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Abstract
Glaucoma is the leading cause of irreversible blindness worldwide and is associated with elevated
intraocular pressure caused by increased aqueous humor outflow resistance. The majority of
outflow resistance is located near the inner wall endothelium of Schlemm’s canal (SC) where
aqueous humor passes through micron-sized pores to cross the endothelium. The basal-to-
apical direction of aqueous humor filtration pushes SC cells away from their supporting basement
membrane, imposing large biomechanical strain on them and leading to the formation of dome-
shaped cellular outpouchings known as giant vacuoles (GVs). Our overarching hypothesis is that
the demanding biomechanical environment of the inner wall provides local cues that regulate
pore formation and filtration across SC endothelium. Four studies examined this hypothesis.
The first study demonstrated that pore density increases with biomechanical strain applied
to SC cells cultured on elastomeric membranes. The second study demonstrated that inner wall
pores co-localise with regions of greater filtration across the inner wall. The third study developed
a fluorescent assay to investigate pore formation in cultured SC cells, and experiments using this
assay indicated that glaucomatous SC cells may have impaired pore-forming ability in response
to strain. The fourth study examined the cytoskeleton and three-dimensional ultrastructure of the
inner wall and showed that vimentin intermediate filaments colocalize with GVs, possibly provid-
ing internal support to allow inner wall cells to withstand the demanding mechanical environment
of the inner wall.
Taken together, these studies reveal that pore formation is a mechanosensitive process
that allows the inner wall to function as a self-regulating filter by modulating its own porosity in re-
sponse to local biomechanical cues arising from basal-to-apical filtration across the endothelium.
This process appears altered in glaucoma, contributing to impaired pore formation and elevated
outflow resistance characteristic of the disease. Pores and intermediate filaments are therefore
potential targets for future glaucoma therapies.
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The great tragedy of science - the slaying of a beautiful hypothesis by an ugly fact.
-Thomas Henry Huxley (1825-1895)
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1.1. Introduction
Glaucoma is the primary cause of irreversible blindness and affects more than 60 million peo-
ple worldwide, 8.4 million of whom are bilaterally blind [1]. Glaucoma is classified as an optic
neuropathy where damage to retinal ganglion cells leads to permanent loss of vision [2]. primary
open angle glaucoma (POAG) is the most prevalent type of glaucoma (74%) [3]. The most impor-
tant risk factor for POAG is elevated intraocular pressure (IOP), and lowering IOP is the main, and
in fact the only known efficacious, treatment strategy to curtail the progression of glaucomatous
blindness. Current glaucoma therapies are often insufficient to achieve sustained IOP reduction,
largely because the physiologic mechanisms controlling IOP are not well understood.
The IOP is determined by the rate of production of aqueous humor (AH) by the ciliary
processes and the hydraulic resistance opposing AH drainage through the conventional outflow
pathway. The elevated IOP associated with glaucoma is caused by increased conventional out-
flow resistance [4]. The conventional outflow pathway, located in the iridocorneal angle, consists
of the trabecular meshwork (TM), the inner wall endothelium of Schlemm’s canal (SC), SC itself,
and aqueous veins and collector channels that lead from SC to the episcleral veins. The juxta-
canalicular tissue (JCT), which is the part of the TM closest to SC inner wall, and SC inner wall
itself generate the majority of conventional outflow resistance [4, 5], but how outflow resistance
is generated by these tissues has been a matter of long-standing debate [6–8].
It is remarkable that the entire bulk of conventional aqueous humor outflow must somehow
cross the endothelium of Schlemm’s canal as it drains from the eye. It is now generally accepted
that the large majority of AH crosses SC endothelium by passing through micron-sized pores that
form in an otherwise continuous endothelium [8]. The pores are seen to cross the endothelium
either transcellulary (I-pores) or paracellularly (B-pores) [9]. AH filtration across SC endothelium
occurs in the “backwards” basal-to-apical direction, exerting a basal-to-apical directed pressure
drop across the SC cells. This pressure drop pushes the SC cells apart from their supporting
basement membrane and deforms the cells into dome-like outpouchings known as giant vac-
uoles (GVs). The AH filtration across the inner wall thus imposes a very demanding mechanical
environment upon SC endothelium. Despite this demanding environment, SC endothelium re-
mains continuous to preserve the blood-aqueous barrier, thereby preventing plasma entry into
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the anterior chamber and maintaining ocular immune privilege.
The mechanical properties of the inner wall and trabecular meshwork become altered in
glaucoma [10, 11]. In addition, the pore density (pores/mm2) of glaucomatous eyes is reduced
by up to five-fold, likely contributing to conventional outflow obstruction that underlies glaucoma-
tous ocular hypertension [12]. Little is known about the factors that are involved in pore forma-
tion or how these factors become altered in glaucoma but these observations suggest that an
altered biomechanical environment might lead to reduced pore formation. The interaction be-
tween the cell and its mechanical environment – also called mechanobiology – might therefore
be essential to understanding pore formation. The two goals of this thesis are: 1) to understand
the mechanobiology of pore formation within the context of the biomechanical environment that
arises from the basal-to-apical direction of AH filtration across the inner wall, and 2) to present
new techniques to help elucidate the cellular structures and molecular mechanisms involved in
pore formation. In order to achieve these goals, four specific aims were formulated, each of which
is addressed in a separate chapter of this thesis.
1.2. Specific Aims
Specific Aim 1: To investigate whether cellular strain induces pore formation in cultured SC
cells. As a result of the basal-to-apical directed pressure drop, SC cells undergo large deforma-
tions during GV formation or ballooning of the inner wall, resulting in a cellular strain possibly
exceeding 50% [1, 4, 5, 13, 14], compared to a stress-free state where SC endothelium is flat.
It is hypothesized that cellular strain induces pore formation. Human SC cells are cultured on
elastic substrates and changes in pore density and pore diameter in response to the application
of cellular strain are measured.
Specific Aim 2: To investigate whether outflow segmentation colocalizes with pore formation
in SC endothelium in situ. Outflow segmentation is the non-uniform distribution of AH outflow
around the circumference of the conventional outflow pathway [2, 6–8, 15]. Pore density is also
non-uniformly distributed along SC endothelium [3, 8, 16]. It is therefore hypothesized that out-
flow segmentation and pore formation colocalize. Patterns of outflow are visualized by perfusing
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human donor eyes with fluorescent tracer particles to investigate spatial correlations between
local tracer accumulation and local pore density along the inner wall.
Specific Aim 3: To develop a more time-efficient method to study pore formation in cultured
SC cells. Conventional methods for pore counting rely on scanning electron microscopy (SEM)
to provide sufficient resolution to visualize pores and discriminate between pore subtypes and
to eliminate artifacts that look like pores. However, accurately sampling pore density requires
imaging of large areas of SC endothelium. Using SEM, this is a very time consuming process
that limits experimental progress. To overcome this limitation, a fluorescent permeability assay
[4, 9, 17] is adapted to quantify pores in a more time-efficient manner. The assay is applied to
study pore formation in cultured normal and glaucomatous SC cells exposed to strain.
Specific Aim 4: How does the ultrastructure and cytoskeletal architecture of SC endothelium
support the inner wall in light of the basal-to-apical pressure drop it experiences? The inner
wall endothelium resides within a demanding mechanical environment as a result of the basal-to-
apical directed flow and associated pressure drop across the inner wall. The SC cells themselves
must maintain continuity despite significant cellular deformation. Presumably, this role is filled by
the cytoskeleton, but a detailed picture of the cytoskeletal architecture in SC cells, particularly
surrounding pores and giant vacuoles, does not exist. In this aim, two high-resolution microscopy
techniques were adapted to study the ultrastructure and cytoskeletal architecture of the inner wall.
In the first technique, three-dimensional electron microscopy is used to visualize the ultrastructure
of SC inner wall. In the second technique, correlative confocal light and electron microscopy is
used to investigate the spatial arrangement of vimentin, PLVAP and CD31 around pores.
Before describing each separate study, the background required to appreciate the relevance
and impact of this work will be introduced to the reader.
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1.3.1. Anatomy of the Eye
The eye allows vision by converting incident light into action potentials that are conducted to
the visual cortex of the brain. In the eye, the incident light successively passes through the
cornea, the aqueous humor in the anterior chamber, the lens and the vitreous humor before
being projected on the retina (Figure 1.1). The regular arrangement and spacing of collagen
fibers in the stroma of the cornea allow it to transmit more than 99% of the incident light [18].
The refractive index of the cornea (n = 1.375) compared to air (n = 1.000), mean that the majority
of refraction takes place at the air-cornea interface. The refraction that occurs at the interface
of the lens (n = 1.386) with the aqueous humor (n = 1.336) and the vitreous humor (n = 1.336)
allows the eye to accommodate and project a focused image onto the retina. In the retina,
photoreceptors convert light into action potentials that are processed by an intermediate layer
of cells that include horizontal, bipolar, amacrine, interplexiform and Müller cells. These action
potentials are subsequently transmitted from the intermediate layer of cells to retinal ganglion
cells (RGCs), which convey the visual information from the retina, through the optic nerve, to the
brain [19].
In order to maintain the appropriate optical and structural properties, the eye is pressurized
with an intraocular pressure (IOP) in healthy eyes of about 15 mmHg (2.0 kPa) [19]. The IOP is a
result of the production of AH and the outflow resistance AH experiences when it leaves the eye.
AH is secreted into the posterior chamber by the ciliary processes. The fluid then flows between
the lens and the iris and enters the anterior chamber through the pupil (Figure 1.2). AH leaves
the eye at the iridocorneal angle (the angle between the iris and cornea) through one of two
pathways. The conventional outflow pathway (also referred to as the trabecular outflow pathway)
drains the majority of aqueous humor [20] in human eyes. After passing through the conventional
outflow pathway, AH is conducted to the episcleral venous plexus through the collector channels
and the intrascleral plexi or the aqueous veins [21]. Normally, only a minor part of the AH leaves
the eye through the unconventional outflow pathway [22].
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Figure 1.1.: The anatomy of the eye. The asterisks indicate the posterior chamber. The white
region, cnsisting of the anterior and posterior chamber, is filled with aqueous humor.
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Figure 1.2.: A schematic representation of aqeuous humor flow through the anterior and posterior
chamber and through the conventional and unconventional outflow pathways. A) AH is produced
at the ciliary processes and leaves the eye at the angle between the iris and the cornea (irido-
corneal angle). AH inflow and outflow need to be balanced at steady state because the eye is a
closed vessel. The resistance against AH outflow determines IOP. B) The majority of AH leaves
the eye through the conventional outflow pathway that consists of the trabecular meshwork and
Schlemm’s canal (wide red arrow). In humans, a small part of AH outflow leaves through the
unconventional outflow pathway by passing between the fibers of the ciliary muscle (narrow red
arrow). C) A close-up of the inner wall of Schlemm’s canal. SC endothelium is seen to form
vacuoles (V). Once the AH has percolated through the TM, it cross SC endothelium through
transendothelial micron-sized pores. The transmission electron micrograph was reproduced with
permission from Dr. Thomas Read.
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1.3.2. Glaucoma
Glaucoma is a progressive optic neuropathy that leads to blindness. It is characterized by RGC
death and associated ‘cupping‘ of the optic nerve head [1, 2]. RGCs relay action potentials from
the photoreceptors to the brain and RGC loss leads to irreversible loss of vision [19]. Elevated
intraocular pressure is often, but not always, associated with glaucoma and causes biomechani-
cal insult of the RGCs at the lamina cribrosa leading to their apoptosis [23, 24]. Primary forms of
glaucoma affect more than 60 million people worldwide, 8.4 million of which are bilaterally blind
[3]. Primary glaucomas are those forms of glaucoma that arise spontaneously, i.e. are not caused
by external factors. The two most prevalent forms of primary glaucoma are primary open angle
glaucoma (POAG) and primary angle closure glaucoma (PACG). About 24% of primary glaucoma
patients are diagnosed with PACG. In PACG, the base of the iris becomes closely apposed to the
sclera, obstructing AH outflow through the iridocorneal angle [1]. POAG is diagnosed in 74% of
primary glaucoma patients [3] and is generally associated with a slow increase in IOP and a corre-
spondingly slow deterioration of vision. The elevation of IOP in POAG is due to increased outflow
resistance in the conventional outflow pathway [4]. However, the mechanism(s) that are respon-
sible for this increased outflow resistance remain unclear. This thesis concentrates on gaining
a deeper understanding of conventional outflow function in normalcy and POAG. However, for
completeness, a brief background is also provided on the unconventional outflow pathway.
1.3.3. Morphology of the Outflow Pathways
Although both the conventional and the unconventional outflow pathway are located in the irido-
corneal angle, they represent two morphologically separate regions in the angle and facilitate AH
outflow in two distinctly different ways. The drawing in Figure 1.3 illustrates how the different com-
ponents of the conventional and unconventional outflow pathway are arranged in the iridocorneal
angle.
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Figure 1.3.: Drawing of the iridocorneal angle and the outflow pathways. The cornea and iris
provide the orientation. a: Schlemm’s canal, b: Sondermann’s canal, a small cul-de-sac in the
inner wall of Schlemm’s canal. c: corneoscleral meshwork which extends from from the ciliary
body (d) to the corneolimbus (e). f: the uveal meshwork extends from the ciliary body (CB) to
Schwalbe’s line (g). h: iris process, i: ciliary muscle joins the corneoscleral meshwork at the two
arrows. Reproduced with permission from Gong, H., Tripathi, R.C., Tripathi, B.J. Morphology of
the aqueous outflow pathway. Microsc. Res. Tech. 1996, 33, 336-367, originally published in
Hogan, M.J. , Alvarado, J.A., Weddell J.E., Histology of the Human Eye; An Atlas and Textbook
(Saunders, Philadelphia, 1971).
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Unconventional Outflow Pathway
The anterior aspect of the ciliary muscle is not covered by an epithelium, allowing AH to pass
through the connective tissue in between the muscle fibers to the supracilliary and suprachoroidal
spaces. From there it is possibly drained through the sclera [25]. Recently, AH was reported to
drain through lymph vessels in the ciliary body, likely contributing to uveoscleral outflow [26, 27].
How the AH reaches the lymph vessels in the ciliary body and to what extent this uveolymphatic
outflow contributes to AH outflow remains unclear.
Conventional Outflow Pathway
The conventional outflow pathway consists of the trabecular meshwork (TM), and the inner wall
endothelium of Schlemm’s canal (SC). The TMmeasures 100 - 200 µm from the anterior chamber
to SC inner wall and is composed of lamellae that run mostly perpendicular to the direction of
flow. The lamellae consist of a core of mostly collagen, elastin and proteoglycans. The lamellae
are lined with a continuous layer of TM cells that reside on a continuous basement membrane
consisting of collagen type IV, laminin and fibronectin [21]. The TM cells are fibroblast-like cells
that have phagocytic, likely to keep the aqueous humor outflow pathways clear of debris [28]. The
lamellar spacing and the openings through the lamellae become progressively smaller towards
SC inner wall [29].
Uveal and Corneoscleral Meshwork The region of the TM adjacent to the anterior chamber
contains two distinct tissues: the uveal meshwork and corneoscleral meshwork. The uveal mesh-
work is the region of the TM proximal to the anterior chamber and has a net-like lamellar structure
(openings 15 - 70 µm, [30]) that extends from the ciliary body to Schwalbe’s line. Directly adjacent
to the uveal meshwork is the corneoscleral meshwork, which extends from the scleral spur to the
corneoscleral limbus. The lamellar sheets of the corneoscleral meshwork are more continuous
than those of the uveal meshwork although the openings are still relatively large (2 - 20 µm, [30]).
The region of the TM directly adjacent to the inner wall of SC is called the juxtacanalicular tissue
(JCT, also called cribriform meshwork) and measures about 2 - 15 µm in the direction of flow. In
contrast to the uveal and corneoscleral meshworks, the cells in the JCT don’t grow on lamellae
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Figure 1.4.: A) close up of inner wall endothelium of an eye imaged en face using scanning elec-
tron microscopy. The endothelium has a smooth and undulating appearance. The undulations
can be either nuclear bulges or giant vacuoles. Note that the endothelial cells are aligned along
the axis of the canal, which is aligned with the long axis of the image. The rough surfaces along
the edges of the endothelium are the cornea and/or sclera and are a result of the preparation
technique. This image is from eye 669B from the study presented in Chapter 3. Scale bar: 50
µm. B) High magnification of the inner wall, showing a B-pore (asterisk) at the border between
two cells. This image is from eye 649C from the study presented in Chapter 3. Arrows indicate
cell borders. Scale bar: 2 µm.
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but instead are embedded in an extracellular matrix (ECM) that consists of a variety of macro-
molecules such as glycosaminoglycans (GAGs), collagen and fibronectin [19]. In primates and
mice, the JCT and inner wall are prevented from collapsing by the cribriform plexus, a network of
elastic-like and collagen fibers that extends from the ciliary muscle into the JCT and terminates
at plaque material (dense ECM) in the JCT or at the inner wall endothelium [31, 32]. The cribri-
form plexus thus forms a direct mechanical connection between the ciliary muscle and the inner
wall and contraction of the ciliary muscle, such as during accommodation or after treatment with
pilocarpine, increases conventional outflow facility by opening up the TM and SC lumen [33, 34].
SC Inner Wall The SC inner wall consists of a layer of endothelial cells that resides on a discon-
tinuous basement membrane [35–37]. The endothelium has an area of about 11mm2 [38] and
has a very typical, undulated morphology that sets it apart from vascular or lymphatic endothelia
even though it expresses cellular markers of both types of endothelia [39, 40]. SC endothelial
cells are elongated, with a length of 100 - 150 µm and a width of 4 - 7 µm at the nucleus, resulting
in an average cell area of about 500 µm2 [6]. Due to the basal-to-apical direction in which AH
crosses the endothelium, the endothelial cells are pushed away from their basement membrane
to form entirely extracellular outpouchings that extend into Schlemm’s canal [36, 41]. These struc-
tures are called giant vacuoles (GVs) and, together with nuclear bulges, are responsible for the
undulating appearance of SC endothelium when observed from SC lumen (en face, see Figure
1.4A). The formation of GVs causes SC endothelium to deform significantly, leading to a cellular
strain that possibly exceeds 50% [13, 14]. A similar magnitude of cellular strain leads to signif-
icant cell death in lung epithelial cells, a cell type that also undergoes large deformation during
normal functioning [42]. GV density (GVs/mm2) and size increase with IOP [43] and transient GV-
like structures can be observed in cultured SC endothelial cells perfused in the basal-to-apical
direction [44]. GV density was increased near collector channel ostia, responsible for draining
AH from the lumen of SC to the episcleral veins [45]. Perhaps this is because the pressure drop
across SC inner wall is largest in the vicinity of the collector channels.
The transendothelial pores that are seen to pass through SC endothelium are another char-
acteristic feature of the inner wall (Figures 1.4B and 1.5). Pores either pass transcellularly (in-
tracellular pores, I-pores) or paracellularly (border pores, B-pores) [9] through an otherwise con-
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Figure 1.5.: A) scanning electron micrographs of a region of SC inner wall containing an I-pore
(asterisk). This particular image is from eye 649C from the study presented in Chapter 3. Scale
bar: 2 µm. B) close up of A) that confirms that the pore passes through the endothelium tran-
scellularly, away from the cell border (arrows). Scale bar: 1 µm.
tinuous endothelial cell layer that forms tight intercellular junctions [46–48]. The pores are much
larger than the fenestrae observed in other endothelia: B-pore diameter averages about 1.6 µm
and I-pore diameter about 0.9 µm, compared to 70-130 nm that is typical for fenestrae [49, 50].
Pores are few and far between: the fraction of SC endothelium covered by pores - the porosity -
is only 0.07% [9, 12]. In human eyes, I-pores constitute the majority of pores (70%) [9]. Pores,
and GVs alike, are usually only observed in the inner wall endothelium and rarely in the outer wall
endothelium because it is less involved in AH filtration [6]. SC endothelium forms focal adhesions
with the underlying basement membrane and with the connecting fibrils from the cribriform plexus
[31]. In addition, cellular processes extend down from the endothelium that form adherens and
gap junctions with the cells that populate the JCT [51] (Figure 1.6).
The embryological origin of SC endothelium has long been debated, since these cells share
both vascular and lymphatic characteristics [39]. Recent publications have shed more light on its
development and molecular phenotype. SC develops postnatally from the limbal vascular plexus
in a PROX1- and FLT4- (VEGF receptor 3) dependent manner [40, 52]. PROX1 and FLT4 both
are key regulators of lymphatic fate. Another lymphatic marker, LYVE1, was absent from the
endothelium [40, 53]. PROX1 expression in SC endothelium decreased progressively when the
IOP was lowered during development of SC by puncturing of the eye ball [54], suggesting that
some normal aqueous outflow is required for the development of SC.
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Figure 1.6.: Schematic drawing of the inner wall region where SC lumen is located at the top of
the drawing and the TM would extend beyond the bottom of the drawing. SC endothelium (E) is
tethered (arrow) to the underlying JCT cells and to the connecting fibrils (CF) that extend from the
ciliary muscle (CM) and the cribriform plexus (CP). Note the empty spaces within the JCT and the
vacuole in the endothelial cell. Reproduced with permission from: Lütjen-Drecoll, E. Functional
morphology of the trabecular meshwork in primate eyes. Progress in retinal and eye research
1999, 18, 91-119.
1.3.4. Transport Functions of SC Endothelium
Filtration Across SC Endothelium
The primary function of SC endothelium is to facilitate the transport of AH into SC lumen.
The major route of AH across SC endothelium has been suggested to be either through the
transendothelial pores [6] or through intercellular clefts [55]. It is now generally accepted that
a flow pathway through the intercellular cleft cannot explain the high hydraulic conductivity [48]
of the conventional outflow pathway and that the bulk of AH therefore crosses the inner wall
endothelium through micron-sized pores [8, 13, 56]. Circumstantial evidence in support of flow
through pores is provided by tracer studies that have investigated the passage of particles of
different size through the conventional outflow pathway. A clear size cut-off that was observed in
the particles that reach SC lumen coincided with the typical pore size [9, 57, 58]. Furthermore,
several studies have observed tracer particles to colocalize with pores [37, 59, 60]. This evidence
indicates that SC endothelium most likely facilitates AH outflow through pores.
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Blood-Aqueous Barrier
A secondary role of SC endothelium is to prevent retrograde transport of blood and serum pro-
teins from SC lumen into the anterior chamber. Blood is occasionally observed in SC lumen,
often as a result of a pressure inversion between the IOP and the episcleral venous pressure
[41]. However, the eye is immune privileged [61] to avoid intraocular inflammation [62] and trans-
port of blood and its solutes into the intraocular space (anterior and posterior chamber and vit-
reous humor) should therefore be restricted. In order to maintain ocular immune privilege, the
blood-aqueous barrier (BAB) restricts transport of blood cells and various solutes from the ocular
vasculature into the intraocular space. The BAB is a functional concept, rather than a single,
identifiable structure. It is commonly considered to be composed of the continuous cell barriers
that are in direct contact with AH in the posterior and anterior chamber. The non-pigmented
epithelium of the ciliary processes, the non-fenestrated endothelium of the iridic capillaries and
the endothelium of SC inner wall make up the BAB [19]. The tight junctions that characterize all
endothelia that make up the BAB ensure that large solutes and blood cells are restricted from
entering the AH. An exception to the ocular immune privilege are the indigenous local antigen
presenting immune cells in the eye that act to suppress a response from the systemic immune
system to antigens that are introduced into the eye [62]. How the recent discovery of lymphatic
vessels in the ciliary body affect ocular immune privilege and the BAB remains to be investigated
[27].
Retrograde Diffusion through Transendothelial Pores
SC endothelium thus serves a dual purpose: it must facilitate AH outflow and at the same time
prevent retrograde transport of blood and serum proteins from SC lumen into the anterior cham-
ber. Because AH flows in the basal-to-apical direction through pores, AH flow generates an
advective flux that opposes retrograde diffusion from SC into the JCT, but the efficiency of ad-
vection depends on the local flow velocity and diffusivity of the solute. In order to estimate the
amount of retrograde transport that may occur through inner wall pores, a mass transport study
was performed (Appendix A). The transport problem was modeled using the one-dimensional
(1-D), steady state advection-diffusion equation with a fixed concentration boundary condition at
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the luminal or downstream side of the pore corresponding to a well-mixed solute concentration
within SC. This highly simplified approach neglects the multi-dimensional aspects of the flow and
concentration profile at the downstream exit of the pore, but by fixing the downstream concentra-
tion, examines the upper limit (i.e., worst case scenario) for retrograde diffusion. The transport
problem was examined for two limiting cases: that of small solutes with higher diffusivity such
as glucose (molecular weight: 180 Da) and that of large solutes with lower diffusivity such as
serum albumin (molecular weight: 59 kDa) [63]. Based on established parameters from litera-
ture, our transport model predicts that the concentration of albumin at the basal (upstream) side
of the pore is less than one percent (0.24%) of that at the luminal (downstream) side; essen-
tially the advection through the pore is able to effectively oppose retrograde diffusion of large
serum proteins. However, for small metabolites such as glucose, retrograde diffusion was able
to overcome anterograde advection to allow the basal concentration to reach 57% of the lumi-
nal concentration. Using our transport model, we examined a hypothetical scenario: what if SC
endothelium had formed 70 nm fenestrae like other vascular endothelia rather than micron-sized
pores? While changing the pore size, we assume that the hydraulic conductivity (as predicted
by Sampson’s law) of SC endothelium remains constant, such that the density of fenestrae in-
creases so as to make up for the greater resistance of the smaller pores. In this scenario, the
basal concentration of albumin increased to 55% and that of glucose to 96%. Hence, had SC
endothelium produced fenestrae rather than micron-sized pores, then the inner wall would be
less able to oppose retrograde transport of blood and serum proteins into the anterior chamber.
Although this scaling argument is highly simplified, the results suggest that SC pore size and pore
density are somehow optimized to oppose retrograde transport of serum proteins in the anterior
chamber and thereby preserve the BAB while simultaneously allowing a hydraulically conductive
pathway for aqueous humor filtration across the inner wall. See Appendix A for further detail on
the calculations.
1.3.5. Aqueous Humor Dynamics
Because the eye is a closed vessel with a finite compliance, the IOP is determined by the dy-
namics of aqueous humor production (Fp) and drainage (Fo) such that Fp = Fo. According to
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Goldmann, the outflow Fo is a function of the outflow facility C and the pressure difference be-
tween the IOP and the episcleral venous pressure (EVP) [64]. However, Goldmann assumed
all outflow occured through the conventional outflow pathway whereas a small portion of outflow
was later shown to occur through the unconventional outflow pathway. Taking into account the
unconventional outflow Fu [19], the modified Goldmann’s equation becomes:
IOP =
Fp − Fu
C
+ EVP (1.1)
An understanding of the dynamics of aqueous humor production and outflow is therefore key to
understanding IOP regulation.
Aqueous Humor Production
AH is derived from the blood stream in the ciliary processes through a two-step process. First, ul-
trafiltration and diffusion of the blood takes place across the fenestrated endothelium of the ciliary
capillaries [65]. The resulting ultrafiltrate in the ciliary stroma is then secreted into the posterior
chamber through active transport across the pigmented and non-pigmented epithelial layers of
the ciliary processes. The relative contribution of ultrafiltration and secretion to AH production
is unclear but the hydrostatic and oncotic pressure gradients between the ciliary capillaries and
the posterior chamber suggest that secretion is dominant [66]. The production of AH decreases
slightly with increasing IOP, due to the pressure drop required for ultrafiltration across the fenes-
trated endothelium [67]. The ciliary processes secrete about 2.75 µLmin−1 across an epithelial
area of about 6 cm2. This means the non-pigmented epithelium secretes about one third of its
cell volume every minute [68]. In comparison, AH filtration across the inner wall corresponds to
a volumetric turnover (relative to the SC cell volume) of nearly 4 times per second, which is an
argument against the role of active secretion in inner wall filtration (Appendix A, Table A.2).
Outflow Resistance
The AH leaves the eye through the iridocorneal angle. Several studies have investigated the rel-
ative contribution of the conventional and unconventional outflow pathways to the overall outflow
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and have concluded that the majority of AH passes through the conventional outflow pathway
[20, 69–71]. However, these studies mostly used indirect measurements of AH outflow to deter-
mine unconventional outflow. Perhaps the most compelling argument for the importance of the
conventional outflow pathway is that outflow facility decreases when SC lumen is increasingly
obstructed. When the entire SC lumen was filled with silicone rubber, facility was decreased by
83% suggesting that unconventional outflow is responsible for about 17% of outflow [72]. Based
on this ratio, the unconventional outflow pathway would conduct about 0.47 µLmin−1 and the
conventional outflow would conduct about 2.3 µLmin−1.
Unconventional Outflow The pressure difference between the IOP and the pressure in the
suprachoroidal space likely contributes to unconventional outflow. Because the suprachoroidal
pressure is consistently ~4 mmHg lower than IOP, unconventional outflow is insensitive to
changes in IOP above 4 mmHg [67, 73]. An alternative explanation for pressure-independent
behavior of the unconventional outflow pathway is that it is driven by an osmotic gradient [74].
How the unconventional outflow pathway generates outflow remains unclear [22]. Decreased
ciliary muscle tone increases unconventional outflow, likely by enlarging the spaces between the
ciliary muscle fibers, facilitating AH flow [75]. The connective tissue between the ciliary muscle
cells likely also contributes to unconventional outflow resistance, as evidenced by the effects of
prostaglandin F2α. This drug reduces unconventional outflow resistance [76, 77], likely by induc-
ing increased MMP activity [78]. This results in reduced presence of collagen I, II and IV [79]
and the formation of empty spaces between the ciliary muscle fibers that would otherwise be
occupied by connective tissue [80, 81].
Conventional Outflow Contrary to the unconventional outflow pathway, the magnitude of the
conventional outflow is pressure dependent and increases with increasing IOP [64]. It remains
unclear how exactly the conventional outflow pathway generates outflow resistance. The open-
ings through the uveal meshwork and corneoscleral meshwork are likely too large to generate
any significant outflow resistance [38]. This was confirmed by Grant, who removed the uveal
meshwork and corneoscleral meshwork and saw no significant decrease in outflow resistance
[4]. Even though these tissues are likely not involved in generating resistance, they play an im-
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portant role in removing debris from the aqueous humor that could otherwise clog the deeper
aspects of the conventional outflow pathway. Specifically, the cells lining the TM beams take up
pigmentary debris from the iris and ciliary body [82] and, when cultured, readily ingest micron-
sized latex beads [28].
When Grant cut through the entire conventional outflow pathway into SC, the overall outflow
resistance was reduced by about 75%, indicating that the majority of outflow resistance in the
conventional outflow resistance is generated by the JCT and inner wall region [4]. Similarly,
when a needle connected to a pressure transducer was inserted through the cornea, into SC
and the TM, the largest pressure drop was observed within the first 7 - 10 µm from the inner
wall endothelium [5]. Some caution is required when interpreting these results because the
needle insertion might cause some deformation of the inner wall, suggesting that the majority of
resistance is located even closer to the inner wall endothelium [8]. The collector channels and
aqueous veins are unlikely to generate significant resistance due to their large diameters ( 50
µm) and numbers (30 - 35 collector channels) [21, 83] and are not the cause of increased outflow
resistance in glaucoma [4]. Because the uveal meshwork, corneoscleral meshwork, collector
channels and aqueous veins don’t generate significant amounts of outflow resistance, the JCT
and SC inner wall endothelium most likely account for the majority of outflow resistance as well
as the increase in outflow resistance observed in glaucoma.
Outflow Resistance in the JCT As AH percolates through the JCT, it has to flow around the
JCT cells through submicron-sized flow pathways. Even though these pathways are much smaller
than those in uveal and corneoscleral meshwork, they are unable to generate significant outflow
resistance, unless these pathways are filled with extracellular matrix compounds such as GAGs
[84, 85]. Indeed, some extracellular matrix is present within those pathways [86, 87]. When the
conventional outflow pathway is perfused with matrix metalloproteinases (MMPs), enzymes that
digest GAGs and other ECM molecules, the outflow resistance decreases by about 40%. The
outflow resistance recovers on the order of 1 - 3 days after withdrawal of the MMPs, which is
consistent with the period required to upregulate gene expression and protein synthesis and refill
the extracellular space with GAGs and other ECM molecules [88].
Another observation that suggests that the JCT likely contributes to outflow resistance is
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the non-uniform distribution of outflow, so-called outflow segmentation, around the circumference
of the conventional outflow pathway [15]. At any instant, as little as 20% of the conventional
outflow pathway might directly take part in AH filtration [89]. Outflow segmentation was found to
correlate with outflow resistance in bovine eyes [90] but not in human eyes [89]. Outflow segmen-
tation is more pronounced in glaucomatous eyes [15]. It is possible that MMPs decrease outflow
resistance by decreasing outflow segmentation, i.e. making the outflow more uniform [88]. In
any case, the JCT likely contributes to generating outflow resistance, be it by directly generat-
ing hydrodynamic resistance or by limiting the area of the inner wall that is actively involved in
filtration.
Outflow Resistance in the Inner Wall The inner wall consists of the inner wall endothelium
and its supporting, discontinuous basement membrane as structures that potentially generate
outflow resistance. The importance of the inner wall in generating outflow resistance is illustrated
by the fact that disruption of the inner wall (e.g. by perfusing the eye with cytochalasin-B, EDTA,
N-ethyl maleimide, H-7 or rHepII) is accompanied by a significant decrease in outflow resistance
[91–95]. These effects are often reversible, possibly because platelets accumulate at regions of
inner wall damage to restore the integrity of the inner wall [96].
How would the inner wall generate outflow resistance? The basement membrane of SC
endothelium is discontinuous and can therefore not contribute to a significant amount of out-
flow resistance [8]. The conventional outflow must cross SC endothelium and it is generally
accepted that the AH outflow crosses the endothelium through the pores in SC endothelium [8].
The average pore density in normal eyes is 835 pores/mm2 and is reduced by up to five-fold in
glaucomatous eyes [12, 16], suggesting that pores might be involved in generating outflow re-
sistance. Several studies have investigated the hydrodynamic resistance generated by pores but
there seems to be no consensus in the results. Some of these studies modeled individual pores
using hydrodynamic models such as Sampson’s law or Poiseuille’s law. Using this approach, the
inner wall can account for only about 5-10% of the observed outflow resistance [6, 16, 97]. How-
ever, we note that calculations of the outflow resistance generated by pores are highly dependent
on the observed pore density, which is subject to some uncertainty due to a fixation artifact [98].
Instead of considering the hydrodynamic resistance generated by pores alone, Johnson et
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al. modeled the interaction between the JCT and pores [7]. It was found that funneling of AH flow
through the JCT into the orifices of pores could significantly enhance outflow resistance, and that
the inner wall could thereby modulate the conventional outflow resistance. The enhancement of
outflow resistance in the funneling model is lost when the inner wall is separated from the JCT
[99]. This is consistent with the observation that inner wall separation, such as occurs during
perfusion with rHep II and H-7 and during ‘washout‘ as occurs in bovine eyes, is associated
with decreased outflow resistance [94, 95]. Having established that pores contribute to outflow
resistance, what is known about pore formation?
1.3.6. Pore Formation
Only a few studies have investigated the effect of pharmacological compounds on pore formation,
perhaps in part because quantifying pore density is a laborious task. Grierson et al. reported in-
creased pore density, pore diameter, GV density and outflow facility in pilocarpine-treated human
eyes [100]. The mechanisms underlying this observation are unknown, but altered flow condi-
tions due to pilocarpine-induced ciliary and iris sphincter muscle contraction could play a role [31,
101]. Ethier et al. observed increased outflow facility accompanied by increased B-pore density
in human eyes perfused with ethacrynic acid [102]. A similar study failed to replicate this result
in rhesus monkeys [103]. A third compound, latrunculin-B, was also shown to increase both out-
flow facility and B-pore density in human eyes [104]. Latrunculins inhibit actin polymerization,
thereby decreasing the contractility and stiffness of SC endothelium [105]. Cellular contractility is
an important determinant for the mechanosensitive remodeling of focal adhesions and adherens
junctions [106, 107]. The increased B-pore formation in latrunculin-B perfused eyes might be
a result of such remodeling. I-pore formation was not found to be statistically different between
control and latrunculin-B treated eyes [104]. The preferential increase in pore density of a single
pore type in response to a drug could indicate that I-pore and B-pore formation are governed by
two separate, but possibly interlinked, molecular mechanisms.
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I-pore Formation
I-pores are characterized by a local fusion of the basal and apical cell membranes to create
a transcellular opening without compromising cellular integrity. A similar membrane fusion is
required for the formation of the fenestrae that are observed in other filtration-active endothelia.
Fenestrae, often referred to as mini-pores, are regularly observed in SC endothelium [108–110].
Widening of the mini-pore would likely result in a larger transcellular pore, and mini-pores are
therefore thought of as precursors of I-pores. The lumen of these mini-pores is often observed to
be spanned by a non-membranous diaphragm. A similar diaphragm spans the stomatal opening
of caveolae [111]. These diaphragms have a “cart wheel” appearance and consist of dimers of
the plasmalemmal vesicle associated protein (PLVAP, also known as PV-1 and PAL-E) [112, 113].
PLVAP is observed in SC endothelium [110]. Herrnberger et al. developed a PLVAP-/- knock-out
mouse in which the diaphragm was absent from fenestrae and caveolae, and where fenestral
density was significantly reduced in capillaries that normally exhibit fenestrae [114]. Moreover,
no mini-pores or I-pores were observed in the inner wall endothelium, and fenestral density was
significantly reduced in the choriocapillaris [110]. This suggests that PLVAP is essential for I-pore
formation. PLVAP is currently the only protein that is known to affect I-pore formation.
B-pore Formation
B-pores form at the intercellular junctions between SC cells. SC cells form continuous tight
junctions, adherens junctions and a small amount of gap junctions [21, 51, 115]. The continuous
tight junctions contain 1-4 strands [48] and the number of strands decreases with increasing IOP
[116]. The adherens junctions will contribute most to the mechanical integrity of the intercellular
junction whilst the tight junctions ensure the continuity of the endothelial barrier function. For
a B-pore to form, a junction will need to disassemble locally in a controlled fashion. How this
disassembly works remains unclear, but the demanding and dynamic mechanical environment
of SC likely plays a role. Cell stiffness and contractility affect cadherin remodeling [107] and
compounds that decrease cell stiffness and contractility were found to consistently decrease
outflow resistance [105]. How these compounds affect B-pore density has not been investigated,
except for the increase in pore density observed after latrunculin-B perfusion [104].
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Pore Formation in other Endothelia
Pore formation is not unique to SC endothelium but is also observed in other endothelia. The
knowledge obtained about pore formation in other endothelia could assist understanding of pore
formation in SC endothelium. In particular, the molecular basis of pore formation in other endothe-
lia could provide a better understanding of pore formation in SC endothelium and help identify
molecular targets to pharmaceutically target pore formation as a way to lower outflow resistance.
The arachnoid villi are involved in draining cerebrospinal fluid from the brain and reside in a sim-
ilarly demanding mechanical environment, with a basal-to-apical pressure drop [117]. Beyond
the characterization of the fluid dynamics and ultrastructure, little is known about the molecular
basis of pore formation in the arachnoid villi that could be translated to pore formation in SC
endothelium [118, 119].
Leukocytes need to be able to cross the vascular and lymphatic endothelia for adequate
immune system function and inflammatory responses. Leukocyte transmigration, or diapedesis
as this process is called, occurs both transcellularly and paracellularly [120–122]. Transmigration
involves adhesion of the leukocyte to the endothelial cell through a ’transmigratory cup’ that is rich
in the adhesion molecules ICAM-1 and VCAM-1 [120]. Transcellular migration is dependent on
the membrane fusion proteins VAMP2 and VAMP3 and occurs in regions that are rich in F-actin
and the caveola-associated protein caveolin-1 [121, 122]. Paracellular migration is dependent on
the junctional adhesion molecule C (JAM-C), and the endothelial cell marker CD31 (or PECAM-1)
[123, 124]. Note that many of the proteins involved in leukocyte diapedesis are involved in the
leukocyte adhesion process, whereas the proteins that are involved in the actual transmigration
might be most relevant for pore formation in SC endothelium.
1.3.7. Summary
The continuous filtration of AH across the inner wall of SC imposes a demanding mechanical
environment on SC inner wall endothelium due to the basal-to-apical pressure drop. As a result
of this pressure drop, SC endothelium forms large extracellular outpouchings into SC lumen that
significantly stretch the endothelial cells. In addition to facilitating outflow, SC endothelium is
also part of the blood-aqueous barrier to prevent retrograde transport of solutes and blood cells
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from SC lumen into the anterior chamber. The majority of outflow resistance occurs close to
the inner wall, but how the inner wall influences this outflow resistance and how it becomes
altered in glaucoma remains unclear. Pore density is reduced by up to five fold in glaucomatous
eyes, suggesting that pores are involved in modulating outflow resistance. The effects of the
mechanical environment on pore formation and SC endothelial barrier function remain unclear.
In addition, the cellular structures and molecular mechanisms involved in pore formation require
further investigation.
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2.1. Introduction
The endothelium lining the inner wall of Schlemm’s canal (SC) contains micron-sized pores that
are putative pathways for aqueous humor (AH) outflow across an otherwise continuous cell layer
containing tight junctions. Pores may pass transcellularly through individual cells (known as “I-
pores”) or paracellularly through borders between neighboring cells (known as “B-pores”) [9, 55].
The density of I- and B-pores is reduced in primary open angle glaucoma (POAG) [12, 16],
leading to the possibility that impaired pore formation may contribute to obstruction of aqueous
humor (AH) drainage through the conventional outflow pathway. Very little is known, however,
about the mechanisms of pore formation or the factors that determine pore diameter and density
within the inner wall of Schlemm’s canal (SC).
SC endothelium experiences significant biomechanical loads due to the basal-to-apical
(backwards) direction of aqueous humor flow and pressure drop across the inner wall [13, 125].
The direction of this pressure drop pushes SC cells away from their underlying basement mem-
brane and the supporting juxtacanalicular tissue (JCT). As a result, SC cells form large dome-like
outpouchings, known as giant vacuoles (GVs) [41, 82], where the instantaneous biomechanical
strain acting on SC cells may exceed 50%, compared to a stress-free state where SC endothe-
lium is flat [13, 14]. Pores are often associated with giant vacuoles (GVs), and while GVs and
pores are thought to be driven by intraocular pressure (IOP) [9, 43, 126, 127], the precise mech-
anism of pore formation remains unknown.
We hypothesize that biomechanical strain triggers pore formation in SC cells. To test this
hypothesis, SC cells were seeded on elastic membranes that were stretched by 0%, 10% or 20%
for 5 minutes and aldehyde-fixed in the stretched state. Scanning electron microscopy (SEM) was
used to image SC cell monolayers in order to count pores, measure pore diameter, and classify
I- versus B-pores. In vitro pore density and diameter were analyzed as a function of strain, and in
vitro pore data were compared against in situ pore data acquired from previous studies of human
donor eyes [104]. The imaging, identification and classification of pores were done by masked
observers who did not know the identity of the samples nor the magnitude of applied strain until
after the pore classification was finalized.
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2.2. Methods
2.2.1. SC Cell Isolation and Culture
This study examined 3 primary SC cell “lines” from non-glaucomatous human donors, aged 34
(SC58), 44 (SC67) and 68 (SC65) years. SC cells were isolated using the cannulation technique
of Stamer et al. [128] and characterized based on expression of VE-cadherin and fibulin-2 [129].
SC cells between passage 3 and 5 were used for all experiments. Although primary cell lines are
typically referred to as cell “strains”, we refer to these as cell “lines” to avoid confusion with the
mechanical “strain” applied to the cells.
Cells were cultured in low glucose DMEM containing 25 mM HEPES buffer (Gibco 12320,
Life Technologies Co, USA), 10% fetal bovine serum (Hyclone SH30070.03, Thermo Scientific,
USA), 100 U/mL penicillin and 100 µgmL−1 streptomycin (P4333, Sigma Aldrich, UK). SC cells
were cultured in 5% CO2 in a humid incubator at 37°C, and passaged prior to confluence using
trypsin-EDTA (T4049 Sigma-Aldrich, UK).
2.2.2. Membrane Stretching Device
Three membrane stretching devices were machined based on the design of Lee et al. [130].
Briefly, these devices use a coaxial arrangement of threaded cylinders to pull an elastic mem-
brane over an annular indenter (Figure 2.1A), thereby imposing equibiaxial strain (i.e., a strain
magnitude that is equal in all directions [131]) to the membrane when the outer cylinder is
turned with respect to the inner cylinder. The cells were seeded on the upward-facing surface of
the membrane, and the membrane and inner cylinder delineate a compartment to hold culture
medium. The devices were autoclaved prior to use, and each stretching device was kept sterile
after cell seeding by covering it with a lid from a 100 mm plastic petri dish.
To confirm that the membrane strain was equibiaxial and to account for subtle machin-
ing variations between devices, each stretching device was calibrated by measuring the two-
dimensional Green-Lagrange strain tensor (E) as a function of the number of turns of the coaxial
cylinders. E is a mathematical construct that captures the finite strain (or relative elongation) oc-
curring in each coordinate direction at each point on a membrane undergoing a large deformation
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Figure 2.1.: The membrane stretching device used to apply equibiaxial strain to adherent SC
endothelial cells. A) A schematic vertical cross-section through the device originally described
by [130]. A silicone elastic membrane is clamped into the device and cells are seeded on the
upward-facing surface of the membrane. The membrane is stretched by turning the threaded
membrane holder (grey) along the outer cylinder (white), thereby pulling the membrane over
the indenter (black) to impose equibiaxial strain. B) A representative calibration curve obtained
from one of the three cell stretching devices used in this study. The measured components of
the Green-Lagrange strain tensor (Ecc,Err ,Ecr ) are plotted against the number of turns of the
membrane stretching device. The normal components of the strain tensor in the circumferential
(Ecc) and radial (Err ) directions increase with each turn and remain statistically identical, whereas
the shear component (Ecr ) remains close to zero, indicating that equibiaxial strain is applied to the
membrane. The calibration closely follows the analytical solution (derived in Appendix 2.A). Error
bars show the standard deviation of each strain component measured over 5 different regions on
the membrane.
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([132]; see Appendix 2.A). To measure E , a grid of 12 fiducial markers was drawn on the mem-
brane (Figure 2.12), and the displacement of these markers was recorded using a CCD camera
in steps of ~ 0.5 whole turns. E was then calculated for each set of 4 neighboring markers based
on the change in length of the 6 line segments connecting these 4 markers according to
(~δij )2 − ( ~δij ,0)2 = ( ~δij ,0) · 2E · ( ~δij ,0) (2.1)
where ~δij and ~δij ,0 are the vectors describing the line segments between markers i and j (i 6= j) in
the deformed and undeformed states, respectively, expressed in polar coordinates with respect
to the center of the stretching device. Applying Equation 2.1 to each of the 6 line segments yields
a system of 6 equations that can be optimized (in a least-squares sense) to determine the 3
unique strain components of E for the region outlined by the 4 markers. Specifically, the unique
strain components of E are the 2 normal strains in the circumferential (Ecc) and radial directions
(Err ) and the shear strain (Ecr ). To qualify as equibiaxial strain, Ecc and Err must be identical and
uniform across the membrane while Ecr must equal zero everywhere across the membrane. Our
calibrations in Figure 2.1B are consistent with this definition. The measured values of Ecc and Err
were also in excellent agreement with the expected analytical solution for the applied strain (red
dotted line in Figure 2.1B; see Appendix 2.A for derivation). Performing the calibration on three
different membranes gave repeatable results for each stretching device (data not shown). This
characterization demonstrates that the stretching devices consistently impose equibiaxial strain
onto the membranes and therefore onto any cells that are firmly adherent to those membranes.
2.2.3. Membrane Coating
Cells were seeded on commercially available 0.25 mm thick, transparent, PDMS elastic mem-
branes (70P001-200-010, Specialty Manufacturing Saginaw, USA). Because SC cells do not
firmly adhere to bare PDMS, even in the presence of serum (Figure 2.3A, left panel), the mem-
branes were covalently coated with collagen type I following the protocol by Wipff et al. [133],
(Figure 2.3B). Membranes were first plasma oxidized for 90 seconds at 70 Pa and 70 W (Plasma
Prep 5, GaLa Instrumente, Germany) to introduce hydroxide groups onto the PDMS surface. The
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A! B!
Figure 2.2.: The importance of maintaining SC cells in the stretched state following fixation. A) If
the stretch was released after fixation, then SC cell layers became disrupted, with undulating and
cracked surfaces. This damage to the cell layer prevented indentation and classification of pores
(SC58, 10% strain). B) If the stretch were maintained after fixation (by mounting the membrane
to a PDMS stub), then SC cell monolayers were preserved, with flat continuous surfaces and few
cracks (SC67, 10% strain). Scale bars: 10 µm.
membranes were then incubated in 10% APTES ((3-aminopropyl)triethoxysilane, 440140, Sigma
Aldrich, UK) in ethanol for 45 minutes at 55°C, followed by incubation in 3% freshly prepared glu-
taraldehyde (TAAB, UK) in Dulbecco’s phosphate buffered saline (DPBS) (D8537, Sigma Aldrich,
UK) for 30 minutes at room temperature. The membranes were then incubated for 1 hour with
50 µgmL−1 collagen type I (PureCol, Nutacon, The Netherlands) at 37° C. Membranes were
washed twice with DPBS after each step. SC cell attachment and spreading appeared similar
between tissue culture plastic and PDMS membranes coated using the above procedure (Figure
2.3A, middle and right panels).
2.2.4. Stretch Experiments
For each cell line, 4 cloning rings (10 × 10 mm, SciQuip, UK) were adhered to the membrane of
each of the 3 stretching devices using autoclaved silicone grease. The area inside each cloning
ring (0.50 cm2) was seeded at 16,000 cells/cm2, and the cloning rings were removed 6 hours
after seeding. The cells seeded within the cloning rings were all obtained from the same cell
supply, such that the resulting 4 cell monolayers per membrane gave 4 repeated samples from
each same cell line at each strain level. The cells were cultured on the membrane at confluency
for 3 days prior to the onset of strain, and strain was applied simultaneously for each of the 3
membranes.
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Figure 2.3.: Method to covalently coat the elastic PDMS membrane with collagen. A) Repre-
sentative brightfield images (scale bar 50 µm) showing the attachment and spreading of SC cells
on bare and collagen-coated PDMS relative to tissue culture plastic. SC cells do not adhere to
bare PDMS but attach and spread on collagen-coated PDMS similar to as when on tissue culture
plastic. B) The diagram summarizes the method to covalently coat the PDMS membrane with
collagen, after Wipff et al., 2009 [133]. PDMS is exposed to oxygen plasma to create hydroxide
groups on the surface. The hydroxide groups are then reacted with APTES to present an amino
group that can be cross-linked to the amino groups of collagen using glutaraldehyde. PDMS,
poly(dimethylsiloxane); APTES: (3-aminopropyl)triethoxysilane.
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To apply the strain, the stretching device was turned by the number of turns required to
achieve the desired strain level (i.e., 10% or 20% equibiaxial strain), which was determined based
on the calibration curve for each stretching device (e.g., Figure 2.1B). Unstretched (0% strain)
controls were treated identically but without engaging the stretch device. Immediately prior to
fixation, cells were washed with PBS at 37°C and then fixed exactly 5 minutes after the onset of
strain using fixative at 37°C (2.5% (v/v) glutaraldehyde, 2% (w/v) formaldehyde (TAAB, UK) in
DPBS). After 1 hour in fixative, the cells were washed twice and stored in DPBS to await process-
ing for SEM. Throughout the fixation process, the membrane was maintained in the prescribed
stretched state, as described next.
2.2.5. Scanning Electron Microscopy
It was necessary to perform SEM and pore counting with the cells maintained in the stretched
state. Otherwise, if the membrane were removed from the stretching device and allowed to
return to 0% strain after the cells were fixed, the cells would become compressed and wrinkled,
damaging the delicate morphological features that allow identification and classification of pores
(Figure 2.2). To maintain the membrane in a stretched state, molded PDMS support stubs (6 mm
thick, 8 mm diameter, Sylgard 184, Dow Corning, UK) were irreversibly bonded to the bottom
surface of the membrane below each circular region containing cells. The irreversible bond was
created by briefly exposing the bottom-facing surface of the membrane and support stub to a
corona (BD-20AC, Electro Technic Products, USA) that increased surface energy, allowing the
PDMS polymers of each interface to interdigitate once pressed together [134]. This process
required dry and clean surfaces to avoid impurities at the interface that might lead to failure of
the bond. The membrane surrounding each stub was then cut with a razor blade and removed,
such that the cells on the membrane were maintained in a stretched state by the support stub.
Each cell layer supported by a stub thus resulted in one specimen that was processed for SEM.
In 2 of 36 specimens, the adhesion between the stub and the membrane failed during processing
and these specimens were discarded (SC58 at 10% strain and SC65 at 20% strain, which had 3
instead of 4 specimens each).
Specimens were processed for SEM by incubating with 2% (w/v) tannic acid (TAAB, UK)
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and 2% (w/v) guanidine hydrochloride (50933, Sigma Aldrich, UK) in DPBS for 2 hours at room
temperature, followed by a triple wash in DPBS and post-fixation for 1 hour with 1% (w/v) osmium
tetroxide (TAAB, UK). Specimens were thoroughly washed with de-ionized water for 5 minutes,
dehydrated in a series of ethanol dilutions (25%, 50%, 75%, 95% and 3 times in 100% for 5
minutes each) and air-dried. Each specimen was mounted on an aluminum stub using carbon
paste (TAAB, UK) and sputter coated with gold palladium for 75 s at 11 mA (Polaron SC7620,
Quorum Technology, UK). Specimens from SC67 were imaged by author STB using a JEOL JSM
6390 (JEOL, Japan), while specimens from SC58 and SC65 were imaged by author ATR using a
Hitachi S-3400N VP SEM (Hitachi, USA). The specimens were coded such that the microscopist
was masked to the identity of each specimen throughout the processing and imaging steps.
2.2.6. Pore Imaging and Counting
Imaging and pore counting were performed with all specimens masked such that the cell line
and the applied strain were unknown to the observers. The key was broken only after all pore
classifications had been finalized for each cell line. For each specimen, 12 regions of interest
regions of interest (ROIs) occupying ~ 5,400 µm2 each were positioned using a random number
generator programmed in Microsoft Excel that approximated a uniform random distribution over
each cell layer. A post-hoc power analysis determined that 12 regions of interest (ROIs) was
sufficient to detect strain-induced differences in pore density with a power exceeding 90% (Ap-
pendix 2.B). Each region of interest (ROI) was imaged at 1,500×magnification, and, if more than
approximately one quarter of the ROI was covered by cracks in the cell layer, then that ROI was
discarded and a new random ROI was selected. Within each 1,500× image, any gap, opening
or pore-like structure within the cell layer was re-imaged at 10,000× magnification. All 10,000×
images were prescreened by STB to filter images with obvious artifacts (e.g., tears, ruptures, or
broken openings in the cell layer). To mask the remaining images, each 10,000× image was
assigned a random filename and distributed electronically to four observers (CRE, DRO, RMP,
STB) who independently marked each 10,000× image to identify pores and classify pore types
(see below). Images from each cell line were marked as a group that included specimens at
0%, 10% and 20% strain. Any disparity in marking between observers was discussed in a panel
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meeting until a majority consensus was reached. Following the panel meeting, the filenames of
the images were unmasked and the pore density and diameter1 were measured for all the pores
agreed on in the panel meeting.
Because the specimens were imaged in the stretched state, specimens with larger strain
encompassed a smaller original undeformed area per ROI. To normalize for this effect, the num-
ber of pores counted in stretched specimens was multiplied by the areal increase relative to
unstretched specimens. During equibiaxial strain, the area increases by (1 + )2, where  is the
applied strain. This results in a multiplication factor of 1.102 = 1.21 for specimens at 10% strain
and by a factor of 1.202 = 1.44 for specimens at 20% strain. This normalization ensures that all
pore counts are referenced to the same unstretched area between specimens, regardless of the
applied strain.
In order for a gap or opening in a cell monolayer to be considered as a pore, it should be
elliptical with a smooth perimeter. Because the cell monolayer was flat (as opposed to the inner
wall that is highly vacuolated in situ), the PDMS membrane could often be seen through the pore,
so the interior of most pores did not appear as dark as typically observed in situ. Candidate pores
were excluded when located near to damaged areas of the cell, when overlapping cell processes
contributed to the appearance of a pore, or when part of the pore fell outside the borders of the
1,500× image representing the sample ROI.
Pores were classified as B-pores when a cell border was seen to intersect its perimeter.
When no cell borders were observed in the close vicinity of a pore, it was classified as an I-
pore. Sometimes, part of the pore was concealed by part of a cell, hindering unambiguous
classification. In such cases, pores were classified as unknown (U-pores), following previous
convention [9].
2.2.7. Statistical Tests
Counting of relatively sparse events over time or space, such as the number of pores in an SC
cell layer, may be best modeled as a Poisson random process. The probability distribution of a
Poisson random process is described by a single parameter, λ, that is equal to both the mean
1The pore perimeter was outlined using image processing software (ImageJ). The resulting pore area, A, was used
to calculate the pore diameter, D, according to D = 2
√
A/pi.
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and the variance of the distribution, with the best estimate of λ equal to k/m, where k is the
number of pores counted over m specimens (Table 2.1). A single value of λ was calculated for
each cell line at each strain level, and the k/m ratio in the stretched specimens was multiplied
by the relative area increase (1.21 for 10% strain and 1.44 for 20% strain) such that all values of
λ were referenced to the same unstretched cell area (see above). To test whether pore density
increases with strain, λ was compared pair-wise between 0%, 10% and 20% strain within each
cell line using the E-test [135], which is the Poisson equivalent of the Student’s t-test, programmed
in MATLAB (v 2014A, Mathworks, Natick, MA, USA). To test whether pore density was different
between cell lines, λ was compared pair-wise between cell lines at a given strain using the E-
test. Reported p-values (representing the probability that the null hypothesis of no difference is
true) are the highest calculated p-values across the three cell lines when examining the effect of
strain or across the three strains when examining the effect of cell line. Reported pore densities
were characterized as λ±√λ divided by the sampled area per specimen (analogous to mean ±
SD). The sampled area was 64,232 µm2 for SC58 and SC65, and 65,510 µm2 for SC67. Similar
pair-wise comparisons were performed for porosity (total pore area/undeformed sample area),
except that a one-way analysis of variance (ANOVA) test was used because pore area, in contrast
to pore density, is a continuously distributed random variable. Pore diameter distributions were
tested for normality using a Shapiro-Wilk test with the null-hypothesis that the data follow a normal
distribution, and a two-sample Kolmogorov-Smirnov test was used to compare between any two
pore diameter distributions using SPSS (v 21, IBM Corp, Armonk, NY, USA). The significance
threshold was defined to be p < 0.05.
2.3. Results
2.3.1. Cell and Pore Morphology
By SEM, SC cells appeared as a nearly confluent monolayer with occasional gaps or cracks
through which the PDMS membrane was visible. Presumably, the cracks occurred during SEM
processing because there was no detectible difference in cracking between the stretched and
unstretched specimens.
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Figure 2.4.: Scanning electron micrographs of pores in SC endothelial cells. The top two rows are
representative images of pores observed in cultured SC cells following stretch, while the bottom
row is representative of pores observed in the inner wall in situ following perfusion at 8 mmHg
(ostensibly normal human eye, unpublished data). Transcellular “I” pores, paracellular “B” pores
and unknown “U” pores are indicated by yellow text. White arrowheads mark the border between
adjacent cells. Note that the pores and cell surfaces observed in culture are more irregular than
those observed in situ. Unmarked openings were considered to be artifacts. The cell line and
strain-level are specified in the upper left of each micrograph. Scale bars: 1 µm.
60
2.3. Results
 "  " 	   I-pores" B-pores" All pores"
Line" Strain" m" k" λ" Density ![1/mm2]"
% 
Total" k" λ"
Density !
[1/mm2]"
% 
Total" k" λ"
Density !
[1/mm2]"
SC58"
0%" 4! 1! 0.3! 3.9!±!7.8! 4%! 22! 5.5! 86!±!37! 88%! 25! 6.3! 97!±!39!
10%" 3! 15! 6.1! 94!±!38! 16%! 71! 29! 446!±!83! 81%! 88! 35! 553!±!93!
20%" 4! 17! 6.1! 95!±!39! 20%! 62! 22! 347!±!74! 72%! 86! 31! 482!±!87!
SC65"
0%" 4! 4! 1.0! 16!±!16! 15%! 21! 5.3! 82!±!36! 81%! 26! 6.5! 101!±!40!
10%" 4! 18! 5.4! 85!±!9.2! 28%! 42! 13! 198!±!14! 65%! 65! 20! 306!±!17!
20%" 3! 7! 3.4! 52!±!7.2! 23%! 23! 11! 172!±!13! 74%! 31! 15! 232!±!15!
SC67"
0%" 4! 0! 0.0! 0.0! 0%! 16! 4.0! 61!±!31! 100%! 16! 4.0! 61!±!31!
10%" 4! 3! 0.9! 14!±!15! 8%! 29! 8.8! 134!±!45! 81%! 36! 11! 166!±!50!
20%" 4! 10! 3.6! 55!±!29! 17%! 41! 15! 225!±!59! 71%! 58! 21! 319!±!70!
All"
0%" 12! 5! 0.4! 6.5!±!7.8! 7%! 59! 4.9! 76.1!±!34! 88%! 67! 5.6! 87!±!36!
10%" 11! 36! 4.0! 64!±!30! 18%! 142! 16! 259!±!61! 76%! 189! 21! 342!±!71!
20%" 11! 34! 4.5! 68!±!32! 19%! 126! 16! 248!±!61! 72%! 175! 23! 344!±!72!
All" 34! 75! 2.9! 46!±!27! 17%! 327! 12! 191!±!54! 76%! 431! 16! 254!±!63!
Table 2.1.: Pore statistics measured in three SC cell lines at 0%, 10%, and 20 equibiaxial strain.
k is equal to the number of pores counted over m specimens for each cell line at each strain
level. Note that k is the raw pore count and is not corrected for changes in membrane area. The
Poisson parameter λ is equal to k/m multiplied by 1.21 for samples stretched 10% and by 1.44
for samples stretched 20% (see methods, section 2.2). The mean and the standard deviation
of the pore density were calculated as λ ± √λ divided by the analyzed area in each specimen:
64,232 µm2 for SC58 and SC65, 65,510 µm2 for SC67.
Transendothelial pores were observed in cultured SC cells, passing both between (B-pores)
and through (I-pores) individual cells. Pores were approximately 0.6 µm in diameter and rarely
exceeded 3 µm. While pores generally had a smooth elliptical perimeter, the morphology of
the pores observed in vitro appeared somewhat more irregular compared to pores observed in
situ (Figure 2.4). In particular, thin membrane protrusions or processes often extended from
the pore perimeter, occasionally bridging across the pore interior, giving the appearance of a
bumpy or non-elliptical perimeter. The “bridging” cell processes were distinct from the overlapping
processes described in the exclusion criteria above because the bridging processes emerged
from the pore perimeter itself, while the overlapping processes extended far beyond the pore
along the cell membrane. In total, the 4 masked observers identified 431 pores in 34 specimens
from 3 cell lines (Table 2.1).
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2.3.2. Effects of Strain on Pore Density and Porosity
Increasing strain led to an increase in total pore density (total pore count/undeformed sample
area) across all three cell lines between 0% and 10% strain (p ≤ 0.0003) and between 0% and
20% strain (p ≤ 0.001; Figure 2.5A). At zero strain, total pore density was 87±37 pores/mm2,
increasing to 342 ± 71 pores/mm2 at 10% and 344 ± 72 pores/mm2 at 20% strain averaged
across all 3 cell lines. Total pore density appeared to plateau between 10% and 20% strain in two
cell lines (SC58 and SC65; p ≥ 0.13), but it increased further still in one cell line between 10%
and 20% strain (SC67; p = 0.0004). Total pore density was significantly different between cell
lines exposed to 10% or 20% strain (p ≤ 0.005), except between SC65 and SC67 at 20% strain
(p = 0.06). The highest total pore density was exhibited by SC58, followed by SC65 and then
SC67. Similar results were obtained for porosity (total pore area/undeformed sample area) that
increased between 0% and 10% strain (p = 0.039) and between 0% and 20% strain (p = 0.009),
but not between 10% and 20% strain (p = 0.39) (Figure 2.6).
Paracellular B-pores comprised the majority of all pores, accounting for 76% of total ob-
served pores, while I-pores accounted for 17% of total pores, with the remaining 7% being U-
pores (Table 2.1). Between 0% and 10% strain, B-pore density increased from 76.1 ± 34 to
259 ± 61 pores/mm2 (p ≤ 0.0070; Figure 2.5B) and I-pore density increased from 6.5 ± 7.8
to 64 ± 30 pores/mm2 (p ≤ 0.038; Figure 2.5C). Between 10% and 20% strain, B-pore density
and I-pore density increased in one cell line (SC67; p ≤ 0.013) but not in the other two cell lines
(SC58 and SC65; p ≥ 0.10). I-pore porosity increased between 0% and 10% strain (p = 0.0084),
and B-pore porosity increased between 0% and 20% strain (p = 0.014). There was no difference
in I-pore or B-pore porosity between 10% and 20% strain (p ≥ 0.34).
The pore density and porosity results presented above were normalized by the original
unstretched sample area (see Methods, section 2.2). Note that this normalization increases the
measured pore density and porosity in the stretched specimens, and may thereby augment the
apparent increase in pore density and porosity with increasing strain. To examine whether this
normalization on its own could explain the observed results, the statistical analysis was repeated
on the raw data without correcting for the change in membrane area. For each of the three cell
lines, a statistically significant increase was observed in uncorrected pore density between 0%
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Figure 2.5.: Pore density increases from 0% to 10% Green-Lagrange strain in cultured SC cells
for total pores (p ≤ 0.0003, E-test; panel A), paracellular B-pores (p ≤ 0.0070; panel B), and
transcellular I-pores (p ≤ 0.038; panel C). Each symbol (circle, plus or cross) denotes a pore
density measurement from a single specimen (based on 12 regions-of-interest per specimen),
while the lines connect the mean pore density at each strain level for each cell line as given
in Table 2.1. The difference in total pore, I-pore and B-pore density between 10% and 20%
strain is not statistically significant for SC58 or SC65 (p ≤ 0.10), but is statistically significant for
SC67 (p ≤ 0.013). Note that all vertical axes are presented on the same scale and that symbols
are shifted slightly on the horizontal axes so as to avoid overlap (bottom braces). Pore density
data are normalized by the original (undeformed) membrane area, as described in Methods. (*)
represents significance at p < 0.05, (†) at p < 0.01 and (‡) at p < 0.001.
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All pores! B-pores! I-pores!A! B! C
†
*!
*! †
Figure 2.6.: Porosity (ratio of pore area to undeformed cell area) increases with increasing Green-
Lagrange strain in cultured Schlemm’s canal (SC) cells for total pores between 0% and 10% or
20% strain (p ≤ 0.039, ANOVA; panel A), paracellular B-pores between 0% and 20% strain (p =
0.014; panel B), and transcellular I-pores between 0 and 10% strain (p = 0.0084; panel C). Each
symbol (circle, plus or cross) denotes the porosity measured from a single specimen (based on
pore counts from 12 regions-of-interest per specimen), while the lines connect the mean porosity
at each strain level for each cell line. There are no significant differences in porosity between
10% and 20% strain for I-pores, B-pores or total pores (p ≥ 0.34) Note that the vertical axes are
presented on the same scale and that symbols are shifted slightly along the horizontal axes so
as to avoid overlap (bottom brackets). Porosity data are normalized by the original (undeformed)
membrane area, as described in Methods. (*) represents significance at p < 0.05, (†) at p < 0.01
and (‡) at p < 0.001.
and 10% or 20% strain for total pores, I-pores and B-pores (p≤ 0.008). For porosity, a statistically
significant increase was observed in I-pore and total pore uncorrected porosity between 0% and
10% or 20% strain (p ≤ 0.047), but the influence of strain on B-pore uncorrected porosity rose
above the significance threshold (p = 0.068).
2.3.3. Effects of Strain on Pore Diameter
For a given cell line at a given strain, the cumulative cumulative distribution function (CDF) de-
scribing I- or B-pore diameter was better approximated by a logarithmic-normal, rather than a
Gaussian-normal, distribution (Figure 2.7). A Shapiro-Wilk test applied separately to each I- or
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Figure 2.7.: The cumulative distribution function (CDF) describing pore diameter (red) plot-
ted with the best-fit predictions of the CDF from a logarithmic-normal (solid black line) and a
Gaussian-normal (dashed black line) distribution. The logarithmic-normal distribution better rep-
resents the empirical CDF describing pore diameter than does the normal distribution. This is
true for both transcellular “I” pores (p = 0.97 vs. p = 0.04, Shapiro-Wilk; left panel) and para-
cellular “B” pores (p = 0.44 vs. p < 1 · 10−5; right panel). Pore data taken from SC58 at 20%
strain.
B-pore diameter distribution for each cell line at each strain level yielded significant differences
between the empirical CDF and the Gaussian-normal distribution in all 13 cases (10−8 < p
< 0.04) that contained more than 10 pores each. After logarithmic-transformation of the pore
diameter, however, this difference was eliminated in 12 of the 13 cases (0.97 < p < 0.10), sug-
gesting that I- and B-pore diameter distributions more closely follow a logarithmic-normal, rather
than a Gaussian-normal, distribution. Importantly, this suggests that logarithmic transformation
of pore diameters is necessary to obtain Gaussian-normally distributed data required for ANOVA
and many other statistical tests.
Accounting for the logarithmic-normal distribution, the typical pore diameter for SC cells in
culture was 0.62 µm ·/ 2.1 (geometric mean ·/ multiplicative SD; N = 431)2, with I-pore diameter
(0.41 µm ·/ 1.9, N = 79) tending to be smaller than B-pore diameter (0.70 µm ·/ 2.1, N = 350).
2The logarithmic-normal distribution can be described by the geometric mean (µ∗) and the multiplicative standard
deviation (σ∗), [136]. µ∗/σ∗ and µ∗ ·σ∗ then form the lower and upper bound of the 68% confidence interval (CI).
E.g. the 68% CI of the diameter of all pores is [0.29, 1.31] µm. Note that the interval is asymmetric around µ∗
and that σ∗ is dimensionless.
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Figure 2.8.: There is no apparent relationship between pore diameter and applied Green-
Lagrange strain in cultured SC cells for total pores (A), paracellular B-pores (B), and transcellular
I-pores (C). Note the logarithmic scale of the vertical axes. Symbols and bars represent the ge-
ometric mean and 68% confidence interval of the pore diameter, as determined based on the
best-fit logarithmic-normal CDF to the empirical CDF. One datapoint from SC67 and one set of
error bars from SC58 were omitted from Panel C because of insufficient data to determine their
values.
Neither I-pore nor B-pore diameter appeared to be affected by strain (p = 0.93 and p = 0.12, Fig-
ure 2.8). The pore diameter distributions for the three strain levels could therefore be aggregated
to derive a single pore diameter distribution for each cell line and pore type (see Figure 2.9).
The empirical CDF of the aggregated pore diameters was fit to an idealized logarithmic-normal
CDF that yielded the best estimate of the geometric mean and the 68% CI of the logarithmic-
transformed pore diameter (Table 2.2). From this, a probability density function (PDF) describing
the distribution of pore diameters can be generated and interpreted similar to a histogram (Figure
2.9). I- and B-pore diameters were smaller and more tightly distributed for SC65 compared to
SC67, and this difference was statistically significant (p < 0.003, ANOVA), suggesting that each
SC cell line may have a unique “set point” for pore diameter.
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Figure 2.9.: The pore diameter distributions for transcellular I-pores and paracellular B-pores
across all three SC cell lines. Because pore diameter was insensitive to strain, all measured pore
diameters were aggregated to determine the empirical CDF for each cell line (circles, right axes).
Each circle represents an individual pore diameter measurement. Each empirical CDF was then
fitted to the theoretical CDF of the logarithmic-normal distribution (dashed curves, right axes),
and that fit was used to estimate the best-fit logarithmic-normal probability density function (PDF)
or “histogram” describing pore diameter for each cell line (solid curves, left axes). These data
reveal differences in the pore diameter distributions between different SC cell lines, with SC65
tending to have smaller (p < 0.03, ANOVA) and more tightly distributed pore diameters relative to
SC58 and SC67.
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2.3.4. Comparison with In Situ Pores
The total pore density in stretched SC cells (mean: 343 pores/mm2) was 2- to 6-fold less than
the total inner wall pore density previously reported in situ (range: 150 – 2960, mean ~ 800) [9,
12, 104]. The majority of this difference was attributable to I-pores that showed a much lower
pore density in culture (46 I-pores/mm2) versus in situ (416 ± 85 I-pores/mm2, mean±SEM)
[104], while B-pore density was more consistent between in culture (191 B-pores/mm2) and in
situ (342 ± 110 B-pores/mm2).
Pore diameter in cultured SC cells closely approximated the pore diameter measured in the
inner wall in situ, based on data from a prior study of 5 perfusion-fixed, non-glaucomatous human
eyes (Table 2.2) [104]. More specifically, the empirical CDFs describing pore diameter in culture
generally fell between the maximum and minimum limiting pore diameter CDFs from the in situ
data, for both I- and B-pores (Figure 2.10).
Apart from the inner wall of SC, similar pores or pore-like structures have been described
in vascular endothelia associated with inflammation, filtration and leukocyte diapedesis. Pore
formation in vascular endothelia during diapedesis is a dynamic event, where cell membrane
processes known as ventral lamellipodia extend and close the pore within minutes of leukocyte
passage [137]. Although we were unable to visualize the dynamics of pore formation or clo-
sure in SC cells by SEM, structures resembling ventral lamellipodia were occasionally observed
extending from the pore perimeter in cultured SC cells (Figure 2.11).
2.4. Discussion
This study demonstrated that cultured SC cells form transendothelial pores similar to those that
occur along the inner wall of SC in vivo. Furthermore, formation of both transcellular I-pores and
paracellular B-pores appeared to be stimulated by biomechanical strain, as evidenced by increas-
ing pore density (but not pore diameter) with increasing strain applied to the elastic membrane
to which the cells were adhered. These data suggest that pore formation is a mechanosensitive
process that is partly regulated by the magnitude of biomechanical strain experienced by SC
cells.
68
2.4. Discussion
0 1 2 3 4
0
0.1
0.2
0.3
0.4
0.5
0.6
0.7
0.8
0.9
1
Pore Diameter [µ m]
Cu
m
ul
at
ive
 D
ist
rib
ut
io
n 
Fu
nc
tio
n 
[−]
B−pores
 
 
Eye 624
Eye 625
SC58
SC65
SC67
0 1 2 3 4
0
0.1
0.2
0.3
0.4
0.5
0.6
0.7
0.8
0.9
1
Pore Diameter [µ m]
Cu
m
ul
at
ive
 D
ist
rib
ut
io
n 
Fu
nc
tio
n 
[−]
I−pores
 
 
Eye 514
Eye 625
SC58
SC65
SC67
A! B!I-pores! B-pores!
Figure 2.10.: Empirical CDF describing pore diameter for SC cells in culture (thin lines) versus
the inner wall in situ (thick lines). In situ data were taken from a prior study of 5 ostensibly
normal human eyes perfusion fixed at 8 mmHg (Ethier et al., 2006 [104]), but only the maximum
and minimum cumulative distribution function (CDF) are shown to represent the physiologically
observed range of pore diameters along the inner wall in situ. For both transcellular I-pores
(A) and paracellular B-pores (B), the pore diameters observed in cultured SC cells are broadly
consistent with the pore diameters measured along the inner wall in situ. The CDFs of pore
diameter in culture are reproduced from Figure 2.9.
 "  " Pore Diameter: Geometric Mean, [68% confidence interval] [µm]"
 "  " I-pores! B-pores! All pores!
In Culture! SC58" 0.43! [" 0.23" ," 0.81" ]" 0.80! [" 0.39" ," 1.65" ]" 0.69! [" 0.32" ," 1.48" ]"
 " SC65" 0.43! [" 0.23" ," 0.81" ]" 0.52! [" 0.26" ," 1.03" ]" 0.46! [" 0.23" ," 0.93" ]"
 " SC67" 0.61! [" 0.35" ," 1.05" ]" 0.52! [" 0.26" ," 1.03" ]" 0.69! [" 0.35" ," 1.35" ]"
In Situ! Eye 514" 0.48! [" 0.29" ," 0.78" ]" 0.67! [" 0.39" ," 1.16" ]" 0.53! [" 0.31" ," 0.90" ]"
(Ethier et al., 
2006)"
Eye 624" 0.48! [" 0.30" ," 0.78" ]" 0.66! [" 0.38" ," 1.14" ]" 0.57! [" 0.33" ," 0.98" ]"
Eye 625" 0.58! [" 0.33" ," 1.02" ]" 0.99! [" 0.48" ," 2.04" ]" 0.68! [" 0.35" ," 1.33" ]"
Eye 627" 0.84! [" 0.43" ," 1.63" ]" 0.71! [" 0.43" ," 1.19" ]" 0.68! [" 0.35" ," 1.33" ]"
 " Eye 630" 0.61! [" 0.39" ," 0.96" ]" 0.78! [" 0.46" ," 1.33" ]" 0.69! [" 0.42" ," 1.15" ]"
Table 2.2.: The pore diameter (geometric mean and 68% CI) measured in SC cells in culture
relative to the pore diameter measured along the inner wall in situ (data from a prior report
(Ethier et al., 2006) [104]). Because pore diameter appeared unaffected by strain, pore diameter
distributions from the three strain levels were aggregated together for each cell line to give the
data shown.
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The inner wall of SC resides within a demanding biomechanical environment where the
basal-to-apical pressure drop across the inner wall imposes significant forces and deformations
on SC cells. In vivo, such deformations are realized during giant vacuole formation or during
“ballooning” of the inner wall following detachment from the underlying juxtacanalicular tissue
[41, 43, 138]. Inner wall deformation increases with IOP, imposing biomechanical strain on SC
cells ranging from 6 – 30% at 15 mmHg to 51 – 228% at 30 mmHg [13, 14], although these
estimates are sensitive to assumptions that are difficult to validate in vivo. Nonetheless, the
magnitude of the strain experienced by SC cells likely exceeds the strain necessary to fatally
damage most other cell types ( 50%) [42], suggesting that SC cells must be somehow better
adapted to withstand the large strains and demanding biomechanical environment of the inner
wall in vivo.
The SC cells were fixed 5 minutes after the onset of strain. We chose this time-point be-
cause, according to our hypothesis, pores could be triggered by cellular strain that results from
GV formation. We thus expected pore formation to occur over a similar time period to the turnover
of GVs. Pedrigi et al. [44] observed GV-like structures with a turnover time between 5 and 10
minutes when cultured SC cells were exposed to a basal-to-apical pressure drop.
In this study, cellular strain was applied using a membrane stretching device originally de-
signed by Lee et al. [130]. The imposed membrane strain was an idealized “equibiaxial” strain
where the magnitude of strain (representing the relative change in the distance between any two
points on the membrane) was the same in all directions. While this clearly neglects the com-
plex deformations and locally varying strain fields experienced by SC cells in vivo, this simplified
approach allowed us to examine the relationship between pore formation and cellular strain in a
precisely controlled manner. This approach assumes that the strain applied to the SC cells was
equal to the strain applied to the membrane, which requires that the cells remain firmly adhered
to the membrane during the period of applied strain.
2.4.1. The Influence of Strain on Pore Formation
With increasing membrane strain, we observed an increase in I-pore and B-pore density, sug-
gesting that both pore types are mechanosensitive in SC cells. When strain increased above
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10%, however, 2 of the 3 cell lines showed no further increase in pore density for either pore
type, suggesting that there may be a strain threshold necessary to initiate pore formation or that
there may be a non-linear relationship between pore density and strain that saturates between
0% and 10%. At 0% strain, there was a small but non-zero pore density, suggesting that there
may be a baseline population of pores that form independently of applied strain or form in re-
sponse to endogenous tension within the cell or cell monolayer. Similar conclusions regarding
the influence of strain on pore density were reached regardless of whether the pore counts were
normalized by the stretched or unstretched cell area.
Despite both pore types increasing with strain, I-pores appeared to be more sensitive to
strain, exhibiting a 10-fold increase in I-pore density compared to B-pores that exhibited a 3-fold
increase between 0% and 10% strain. It is unclear why I-pores would be more strain-sensitive,
but this may be related to differences in the underlying mechanisms of I- and B-pore formation.
B-pores, we hypothesize, result from local disassembly and widening of inter-cellular junctions,
following mechanisms similar to those described for paracellular “gap” formation during inflam-
mation and diapedesis [14, 122, 139]. I-pores, we hypothesize, result from fusion of the apical
and basal cell membranes that may come into apposition as the cytoplasm thins under applied
strain, with caveolae, vesicles, or “mini-pores” [14, 108, 110] acting as potential nucleation sites
populated with fusigenic proteins or lipids. Each hypothetical mechanism may exhibit a different
dependency upon strain, or strain may differentially affect the rate of pore formation, possibly
contributing to differences in the strain dependence between I- and B-pore density. Alterna-
tively, immature or discontinuous inter-cellular junctions, that are typical of cultured endothelial
cell monolayers [140] could have partially disturbed B-pore formation without significantly affect-
ing I-pores.
The finding that pore diameter was relatively unaffected by strain leads to two important
conclusions. First, the increase in pore density or porosity with increasing strain cannot be readily
explained by a widening of intercellular gaps or openings in the cell monolayer. This also suggests
that our pore counting technique effectively excludes gaps or openings that would otherwise
contribute to an apparent increase in “pore” diameter in response to strain. Second, there must be
a mechanism to maintain a relatively constant pore diameter and oppose tensional forces tending
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to expand the pore with increasing strain. Excessive widening of a pore would damage the SC
cell and compromise the barrier function of the inner wall. It is therefore tempting to speculate that
there must be a supporting structure for SC pores, possibly involving cytoskeletal filaments such
as those surrounding the smaller ‘fenestrae’ pores present in filtration-active vascular endothelia
[141]. Indeed, the decoupling of the cell membrane from the cortical actin network, as can be
induced by pathogenic bacteria, was shown to facilitate transcellular pore formation [142]. The
same study also described a limiting maximum transcellular pore size on the order of a few µm.
2.4.2. Comparison with In Situ Pores
Pores observed in cultured SC cells were of similar size and shape as pores observed along the
inner wall in situ, but the cultured pores tended to be slightly more irregular with bumpy edges,
imperfect elliptical geometries, and bridge-like processes extending from the pore perimeter. The
reason for the irregular morphology of cultured pores may be related to non-physiological culture
conditions, such as the absence of flow, weakly developed cell junctions, or altered substrate
compliance or surface chemistry. Alternatively, the irregular pore morphology may be related to
the dynamics of pore formation or closure that are captured instantly upon fixation in culture,
compared to a slower ‘time-lapse’ capture over an extended fixation process as may occur in
situ. Despite these differences, the reasonable morphological similarity and the similar diameter
distributions between pores in culture versus pores in situ suggests that the cell stretch model
may capture many of the in vivo mechanisms of pore formation in SC cells.
Despite similarities in pore size, the total pore density in stretched SC cells was 2- to 6-
fold less than the pore density typically reported for the inner wall in situ, with the majority of
this difference attributable to fewer I-pores in culture. The reason for this discrepancy is unclear,
but one should recognize that the comparison is complicated by the fact that the biomechanical
strain acting on the inner wall in situ is largely unknown and likely varies regionally. The cell
stretch model, in contrast, uses well-controlled, uniform strain fields. Furthermore, the measured
in situ pore density is likely sensitive to fixation conditions, particularly for I-pores that increase
in proportion to the volume of fixative perfused through the outflow pathway [9]. It is unknown
whether fixation itself had any influence on the measured pore density in cultured SC cells, but
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because the fixation process was identical between samples, fixation alone cannot explain the
observed dependence of pore density on strain.
Schlemm’s canal endothelium is not the only endothelium in the body that forms pores.
Arachnoid villi, involved in drainage of cerebrospinal fluid, form transendothelial pores [143]. Tox-
ins such as anthrax and substance p induce transcellular and paracellular “pores” in vascular
endothelia [144, 145] and leukocytes pass through transcellular or paracellular “pores” to en-
ter or leave the bloodstream [122, 124]. Following paracellular diapedesis, actin rich processes
known as ventral lamellipodia extend and close a paracellular “pore” over minutes, while actin-
dependent “pore” closure has been described following transcellular diapedesis [137]. Structures
resembling ventral lamellipodia were occasionally observed surrounding pores in cultured SC
cells, suggesting that similar mechanisms may be involved in pore formation and/or closure be-
tween SC and vascular endothelial cells (Figure 2.11).
2.4.3. SC Endothelium as a “Smart” One-Way Valve
The hypothesis that cellular strain induces pore formation implies that the SC endothelium can
function as a “smart” one-way valve that adjusts its local porosity to accommodate local demands
in filtration. For instance, if at any point along the inner wall, local filtration demands were high
and local transendothelial conductivity were low, then the local pressure drop across the endothe-
lium would increase and impose biomechanical strain on SC cells, realized either through giant
vacuole formation or bulging or ballooning of the inner wall. With strain as a trigger, pore forma-
tion would occur preferentially in those regions with larger filtration demand and sufficient strain.
Such a hypothetical mechanism would allow the inner wall to adapt to non-uniform or segmental
outflow conditions based on local biomechanical cues. This mechanism would also allow the in-
ner wall to reduce its local porosity in regions of low strain or under conditions of low or reversed
pressure drop, thereby allowing the inner wall to function as a one-way valve to oppose retro-
grade flow into the trabecular meshwork [41]. The one-way valve function of the inner wall may
be particularly important for maintaining the blood-aqueous barrier by preventing reflux of blood
or serum proteins from SC into the anterior chamber under conditions of hypotony or elevated
episcleral venous pressure.
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Figure 2.11.: A comparison between the morphology of pores observed in cultured SC cells
and “pores” or transendothelial “tunnels” observed in vascular endothelial cells. A) In SC cells,
protrusions (yellow dotted curves) and processes (yellow arrows) were occasionally observed
extending from the perimeter of paracellular B-pores. Images are scanning electron micrographs
from SC58, with the cell borders indicated by white arrowheads. B) In vascular endothelial cells
from a prior study (Martinelli et al., 2013) [137], closure of transcellular “pores” and paracellular
“gaps” often occurs by ‘ventral lamellipodia’ (white dotted curves) that extend across the cell
surface (blue arrowheads) to cover and close the “pore” or “gap”. Note the similarity between the
ventral lamellepodia in Panel B and the cellular protrusions and processes about B-pores in SC
cells shown in Panel A. Panel B represents a time-lapse confocal fluorescence image sequence
with the elapsed time in minutes displayed in the upper left of each frame. Reproduced with
permission of the authors and the publisher. ©2013 Martinelli et al., Journal of Cell Biology.
201:449-465. C) In SC cells, protrusions (yellow dotted curves) were occasionally observed
extending from the perimeter of transcellular “I” pores. Images are SEMs from SC67 (left and
middle) and SC65 (right). D) In vascular endothelial cells from a prior study (Maddugoda et
al, 2011) [144], closure of transcellular “pores” or “tunnels” was often associated with actin-rich
membrane waves that extended from the “pore” perimeter, as visualized in cells transfected with
green fluorescent actin. Inset on the right shows time-lapse images from the start (top) to end
(bottom) of closure. Note the similarity between the shape of the actin-rich protrusions in vascular
endothelial cells and the protrusions surrounding I-pores in SC cells in Panel C. Reproduced from
with permission of the authors and the publisher ©2011 Maddugoda et al., Cell Host & Microbe.
10:464-474. Scale bars: 1 µm (A & C), 5 µm (B) and 10 µm (D)
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In conclusion, this study has shown that SC cells retain their pore-forming ability in culture
and that pore formation is a mechanosensitive process that is triggered by biomechanical strain.
This mechanism may allow the inner wall to function as a “smart” one-way valve that may mod-
ulate its local porosity to accommodate local demands for aqueous humor filtration while also
maintaining the blood-aqueous barrier by preventing blood and serum proteins from entering the
anterior chamber. It is tempting to speculate that altered biomechanical stiffness of SC cells
or their surrounding tissue, as may occur in glaucoma [10, 11], may disrupt SC valve function
and contribute to reduced SC pore density as observed in glaucomatous eyes [12, 16]. The cell
stretch model therefore provides an opportunity to investigate the molecular mechanisms of pore
formation in SC cells so as to deepen our understanding of the physiology and pathophysiology
of the inner wall with respect to glaucoma.
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2.A. Appendix A: Analytical Solution for the Strain Applied by
the Membrane Stretching Device
The stretching device pulls an elastic silicone membrane over a cylindrical indenter, thereby im-
posing a uniform equibiaxial strain field on the membrane [131]. Due to the cylindrical geometry,
the problem is axisymmetric, and the strain can be calculated analytically by considering the
change in membrane dimensions between the stretched and unstretched states. Let ∆ repre-
sent the distance between the inner and outer cylinders, R represent the radius of the inner
cylinder, and h represent the depression of the inner cylinder with respect to the outer cylinder
(Figure 2.12B). In the undeformed state, the length of the line segment connecting the center
of the membrane to the membrane edge is equal to R + ∆. In the deformed state, this length
increases to R +
√
∆2 + h2. Assuming no friction at the contact point between the membrane and
the indenter, the stretch ratio, λ, representing the ratio of the deformed to undeformed length can
therefore be written as
λ =
R +
√
∆2 + h2
R +∆
(2.2)
The Green-Lagrange strain (GL) can be written in terms of λ according to:
GL =
λ2 − 1
2
(2.3)
Finally, h can be related to the number of turns n of the indenter according to:
h = n · φ (2.4)
where φ is the pitch of the threads on the indenter. Combining Equations 2.2 – 2.4 produces the
analytical solution shown in Figure 2.1B.
2.B. Appendix B: Post-hoc Power Analysis of Pore Sampling
Because pores are relatively infrequent, measurements of pore density are necessarily subject
to sampling errors. To examine whether 12 ROIs were sufficient to detect differences in pore
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Figure 2.12.: A) A photograph showing a representative elastic membrane clamped into the
membrane stretching device, with twelve fiducial markers used to calibrate the membrane strain
as a function of the number of turns of the stretching device. B) A schematic illustrating the
geometry of the membrane within the stretching device used to calculate the analytical expression
for the membrane strain as a function of the number of turns of the stretching device. See
Appendix 2.A for further details.
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density in response to strain, we performed a post-hoc statistical power analysis using MATLAB
(v2014a, Natick, MA, USA). The analysis used data from the cell line with the lowest pore density
(SC67; Figure 2.5), including the 12 pore density measurements from each of 12 ROIs from each
of 4 specimens at 0% and 4 specimens at 10% strain. (We also performed the analysis for 0%
versus 20% strain, but because the pore density increase was larger at 20%, this was a less
conservative analysis). The number of ROIs used to calculate the overall pore density of each
specimen was then varied between 5 and 11, where for each number of ROIs 10,000 realizations
were analyzed by randomly selecting the given number of ROIs from the available 12. For each
realization, we calculated the average pore density for the 4 specimens and performed an E-
test to detect for statistical differences between the stretched and unstretched specimens. The
statistical power of the pore density measurements, β, was equal to the percentage of realizations
for which the E-test yields a significant difference (p <0.05), and β was plotted against the number
of ROIs evaluated. With increasing number of ROIs, there was an increase in the statistical power
for detecting a difference in pore density between stretched and unstretched specimens (Figure
2.13). Comparing between 0% and 10% strain, a statistical power of β = 0.8 was reached at
8 ROIs (Figure 2.13A). For the analysis between 0% and 20% strain, β = 0.8 was reached at
less than 5 ROIs (Figure 2.13B). Therefore, 12 ROIs per specimen was adequate to test the
hypothesis that pore density increases with strain with a statistical power exceeding 90%.
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Figure 2.13.: Post-hoc power analysis to estimate the number of regions of interest (ROIs) per
specimen necessary to detect a statistical difference in pore density with increasing strain. Recall
that each measured pore density was based on pore counts from 12 ROIs from each of 3 or 4
specimens per cell line per strain level. Power analysis was performed by randomly selecting
pore counts from 5 to 11 ROIs per specimen, and using these data to perform an E-test to detect
statistical differences between strain levels. The vertical axes represent the statistical power, β,
equivalent to the fraction of numerical realizations (out of 10,000 total realizations) that detected a
statistical difference by the E-test with p < 0.05 between 0% versus 10% strain (A) or between 0%
versus 20% strain (B), as a function of the number of ROIs examined per specimen. Statistical
power increased with increasing number of ROIs and exceeded 80% when the number of ROIs
was greater than 8. Data were taken from SC67, the cell line that exhibited the smallest increase
in pore density with strain (Figure 2.5), and hence allowed the most conservative estimate of
statistical power.
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3.1. Introduction
The conventional outflow pathway is the predominant route of aqueous humor (AH) outflow, and
the increase in intraocular pressure (IOP) associated with primary open angle glaucoma (POAG)
is due to increased conventional outflow resistance [4]. Within the conventional outflow pathway,
the majority of outflow resistance appears to be generated in the vicinity of the inner wall endothe-
lium of Schlemm’s canal (SC) and the juxtacanalicular tissue (JCT) [5, 146], but the hydrodynamic
details of how AH flows through these tissues have remained unclear.
All conventional aqueous outflow must somehow filter across the inner wall endothelium
of Schlemm’s canal (SC), presumably by passing through micron-sized pores in an otherwise
continuous endothelium containing tight junctions [8]. In glaucoma, inner wall pore density is
reduced by up to five-fold compared to normal eyes [12, 16], suggesting that impaired pore
formation may contribute to outflow obstruction and IOP elevation characteristic of glaucoma. Two
types of pores exist: transcellular I-pores that pass through individual SC cells, and paracellular B-
pores that pass through the junction between neighboring SC cells [9]. However, the contribution
of each pore type to filtration across the inner wall and whether one pore type has a dominant
role remain unknown.
Drainage through the conventional outflow pathway is non-uniform or segmental around the
circumference of the trabecular meshwork (TM) and JCT [15], over both a “macro” scale (order
of mm) and over a micro scale (order of a few µm; Figure 3.1) [89, 90]. Furthermore, inner wall
pores are non-uniformly distributed along the inner wall endothelium [16]. This study investigated
the hypothesis that regions of higher local outflow co-localize with regions of higher pore density
along the inner wall of SC (Figure 3.2). To test this hypothesis, fluorescent tracer nanoparticles
were perfused into post mortem human eyes, SC was micro-dissected to visualize the inner wall
en face, and correlative light and electron microscopy was used to image the distribution of tracer
and location of pores along the inner wall. A spatial correlation was observed between local
tracer intensity and local pore density, suggesting that at least some pores are fluid-conducting
structures that respond to local mechanical stimuli induced by flow and/or pressure drop across
the inner wall.
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Figure 3.1.: Non-uniform patterns of outflow, known as segmental outflow, can be observed at
macro and at micro levels in human eyes. A) Pigment, originating mainly from the iris, is car-
ried by the aqueous flow and accumulates non-uniformly in the TM. B) Perfusion of fluorescent
tracer particles through the conventional outflow pathway can be used to visualize outflow seg-
mentation, as illustrated by ‘hot spots’ (arrowheads) and ‘cold spots’ (asterisks). C) Histologic
preparations show tracer particles passing through the TM and into SC (arrows) through pref-
erential pathways. Panels A and B are reproduced with permission from Chang et al. 2014
[89].
TM
Inner Wall
Low Tracer
Few Pores?
High Tracer
Many Pores?SC Lumen!
Figure 3.2.: Schematic illustration of the hypothesis underlying this study. Patterns of outflow are
decorated by tracer. It is hypothesized that regions of high tracer intensity coincide with regions
of high pore density and vice versa.
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Eye! Sex! Age! Time [hrs Post Mortem]! Facility [µL/min/mmHg]! Gelatin!
Number! L/R! Comments!  !  ! Enucleation! Perfusion! Baseline! Tracer! Post-Tracer! Present!
649! L! None! M! 67! 5! 34! 0.30! 0.20! 0.17! No!650! R! Aphakic! 0.16! 0.10! 0.10! Yes!
669! L! None! F! 80! 1! 22! 0.10! 0.15! 0.09! No!670! R! None! 0.12! 0.20! 0.16! Yes!
681! R! Pseudophakic! M! 78! 6! 28! 0.30! 0.25! 0.17! No!682! L! Pseudophakic! 0.19! 0.18! 0.18! Yes!
Table 3.1.: Donor information. Enucleation was performed within 6 hours and perfusion within 34
hours post mortem. Baseline facility was within the range for normal eyes. “Tracer” facility was
the average facility during tracer perfusion. “Post-Tracer”” facility was the average facility during
the period after the anterior chamber was exchanged with DPBS (with or without gelatin).
3.2. Methods
3.2.1. Reagents
Dulbecco’s phosphate buffered saline (DPBS), glucose, Triton X-100, tannic acid, guanidine hy-
drochloride and goat serum were acquired from Sigma Aldrich (Austin, TX, USA). Glutaraldehyde,
formaldehyde, ethanol, osmium tetroxide and hexamethyldisilazane were purchased from EMS
Diasum (Hatfield, PA, USA). Fluorescent tracer microspheres (20 nm, sulfate-coated; F8845),
Alexa647 goat anti-mouse IgG, Alexa 546 goat anti-rabbit and DAPI were obtained from Life
Technologies (Austin, TX, USA). Mounting medium and mouse anti-human CD31 antibody (clone
JC70A) were obtained from DAKO (Glostrup, Denmark). Rabbit anti-human vimentin antibodies
(clone EPR3776) were obtained from Abcam (Cambridge, MA, USA).
3.2.2. Whole Eye Perfusion
Three pairs of ostensibly normal human eyes were obtained from donors aged 67, 78 and 80
through the Eye Bank of Canada (Ontario Division, Toronto, Canada), see Table 3.1. A needle
was threaded through the cornea with the tip positioned in the posterior chamber, and the eye was
perfused at a constant pressure of 8 mmHg following established methods [9, 147]. The perfusion
fluid was DPBS containing CaCl2, MgCl2 and 5.5 mM glucose that was filtered through a 0.22
µm syringe filter prior to use (referred to as ‘DBG‘). After perfusion with DBG alone for 45 - 90
min to measure baseline outflow facility (Table 3.1). The anterior chamber was then exchanged
with DBG containing 0.005% w/v fluorescent tracer microspheres. After the exchange, the eye
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was perfused for 30 minutes with tracer to label the patterns of outflow through the trabecular
meshwork, while recording the ‘tracer’ facility (Table 13.1, the anterior chamber was exchanged
with either DBG alone or DBG containing 2% gelatin, and the eye was perfused until it reached a
steady ‘post-tracer’ facility (Table 3.1) typically within 30 - 40 min. Gelatin was used to preserve
the distribution of microspheres within the tissue, following Johnson et al. [58], but gelatin did
not appear to affect outflow facility when compared to the paired control eye. The perfusion was
terminated by clamping the perfusion tubing and immediately placing the eyes on wet ice for 15 -
20 min. The perfusion needles were kept in place during the cooling period, but with the tubing
clamped, the pressure in the eye decreased slowly decreased over several minutes on account
of drainage through the conventional outflow pathway. Following the cooling period, the globes
were cut open near the equator and immersion fixed in ice cold 3% formaldehyde in DBG.
3.2.3. Dissection
The eyes were hemisected, the vitreous humor and lens were removed and the anterior segment
was cut into quadrants. Each quadrant was cut into wedges for microdissection to expose ap-
proximately 2-3 mm along the circumference of the inner wall en face, as previously described
[148]. Briefly, the tissue wedges containing the inner wall, JCT and TM, were separated from the
ciliary body and iris root. Schlemm’s canal was incised along its posterior margin and opened
such that the TM and adherent inner wall of Schlemm’s canal could be reflected anteriorly. The
inner wall and underlying TM were fluorescently stained for the endothelial marker CD31, the
intermediate filament vimentin, and the nuclear stain DAPI. Specifically, the tissue was perme-
abilized at room temperature (RT) for 5 min with 0.2% Triton X-100 in DPBS and blocked at RT for
30 min with 10% goat serum. Tissue was then labeled with mouse anti-human CD31 IgG (dilution
1:30) and rabbit anti-human Vimentin IgG (1:200) overnight at 4° C. After three 5 min washes
with DPBS, the tissue was incubated with Alexa 647 goat anti-mouse IgG (1:150) and Alexa 546
goat anti-rabbit IgG (1:150) overnight at 4°C. Negative controls were prepared as above, omitting
the primary antibodies. Finally, nuclei were labeled by incubating the tissue for 5 min at RT in 2
µgmL−1 DAPI in DPBS.
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3.2.4. Imaging
One tissue wedge was imaged per eye, first using confocal microscopy (to visualize tracer, CD31,
vimentin and DAPI), and then using scanning electron microscopy (to visualize pores). For con-
focal imaging, each wedge was mounted in fluorescent mounting medium and oriented such that
the inner wall of SC faced upwards, overlying the adjacent JCT/TM. The tracer (Ex: 505nm/Em:
515nm), CD31 (650/665), vimentin (556/573) and DAPI (358/461) were imaged en face using
a Zeiss LSM 510 meta confocal microscope with a 25x/0.8NA objective. Images were obtained
as a z-stack starting a few microns above the inner wall and stretching 50 – 80 µm deep into
the TM. Each confocal image was corrected for uneven illumination by dividing by a reference
image taken from a well-mixed solution of fluorescent tracer. The entire surface of the inner wall
(as indicated by CD31) was imaged, such that the z-stacks could be tiled together to create a
complete montage for each wedge using a plug-in executed in FIJI and developed by Preibisch
et al. (NIH, MD, USA) [149]. Montages of CD31 and vimentin were created using tiles created
based on the maximum intensity projection through each stack. However, the tracer stacks were
processed to create tiles that show only tracer in the JCT that lies within 10 µm of the inner wall.
To do this, the z-position of the inner wall was defined for each pixel using a surface spline that
was fit through the z-position of the maximum CD31 intensity for each x,y pixel location. The
tracer intensity was then averaged across the voxels lying within 10 µm below the inner wall for
each pixel location, and this value was defined as the JCT tracer intensity for the corresponding
pixel. Note that this approach eliminates the influence of tracer that lies outside of the JCT while
allowing the z-position of the inner wall to change across the montage.
After the confocal montage was complete, the tissue was unmounted and prepared for
scanning electron microscopy (SEM) to visualize pores along the inner wall. The tissue was
rinsed in DPBS overnight at 4° C to remove the mounting media and then post-fixed in universal
fixative (2.5% (v/v) glutaraldehyde and 2% (w/v) formaldehyde in Sørensen‘s Buffer) overnight at
4° C. The tissue was then incubated in 2% (w/v) tannic acid, 2% (w/v) guanidine hydrochloride
in DPBS for two hours, followed by one hour in 1% (w/v) osmium tetroxide in DPBS. Between
each solution change, the tissue was rinsed thoroughly in DPBS. The tissue specimen was then
dehydrated through a graded ethanol series, followed by two changes in hexamethyldisilazane,
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air-dried, mounted on stubs, and sputter-coated with gold. An overview montage, composed of
several contiguous smaller image tiles, was acquired to show the entire inner wall surface within
the wedge at 230-300× magnification by SEM (Hitachi S-3400N VP). The overview montage was
used to identify regions of damaged inner wall, to guide the selection of ROIs, and to perform the
image registration between the confocal and SEM montages (described below). Pore counting
was not performed using the overview montage but rather SEM micrographs that were re-imaged
at higher magnification (10,000×) after selection of the ROIs (see below).
3.2.5. Image Registration
In order to investigate the spatial relationship between tracer intensity and pore density, the con-
focal and SEM montages must be spatially registered such that the same physical point along
the inner wall appears at the same location in both images. However, tissue shrinkage during
processing and differences in tissue orientation between imaging sessions led to image distor-
tion that prevented a simple overlay of the confocal and SEM micrographs. This distortion was
corrected by mapping each confocal montage onto the corresponding SEM montage using an
image registration algorithm. Briefly, the image registration algorithm uses common landmarks
that were manually identified in the confocal and SEM montages to establish a transformation
function that, when applied to the confocal montage, maps the confocal image in such a way that
the common landmarks overlap with those in the SEM montage. To do this, between 48 and 80
reference points were selected in the CD31 montage (for eyes 649C and 650D) or in the vimentin
montage (for eyes 669B, 670B, 681B and 682D) and manually matched to corresponding refer-
ence points on the SEM montage. The coordinate positions of the pixels at each reference point
were used to calculate the mathematical mapping transformation using the ‘cp2tform’ function in
MATLAB (v2014a, Mathworks, Natick, MA, USA) with a linear weighted mean optimization [150].
The same mapping transformation was then applied to the tracer montage so as to examine the
spatial relationship between JCT tracer intensity and pore density (Figure 3.3).
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Figure 3.3.: Image registration between confocal and scanning electron micrographs. During the
preparation for SEM imaging, the sample deforms as a result of dehydration. In order to perform
a spatial correlation between tracer intensity and pore density, the images need to be overlaid.
This was achieved by manually selecting landmarks (red dots) on the Vimentin (or CD31) image
(top left) that coincided with landmarks on the SEM image (middle left). A MATLAB routine was
used to calculate a transformation that maps the confocal image onto the SEM image, resulting
in an overlay with good agreement (top right). The same transformation was then applied to
the tracer image (bottom left), resulting in the overlay that was used for the spatial correlation
between tracer intensity and pore density (bottom right). The inner wall is bounded anteriorly and
posteriorly by the two white lines in the right-hand panels.
88
3.2. Methods
3.2.6. Colocalization Analysis
This study compared the fluorescent tracer intensity and pore density measured within individual
region of interest (ROI) along the inner wall of SC. Typically, 4 - 7 ROIs were examined per tissue
wedge, with 31 ROIs in total, and data from each ROI yielded a single data-point for the colocal-
ization analysis between tracer intensity and pore density. The ROI area (7,500 µm2) was chosen
to contain a sufficient number of pores (~62 pores assuming a pore density of 835 pores/mm2
[12]) to allow a robust sampling of the local pore density. The ROI aspect ratio (50 × 150 µm)
was chosen to approximate the aspect ratio of the inner wall as viewed en face, with the long
edge of the ROI oriented parallel to the long axis of the inner wall. Each ROI was defined within
the SEM and transformed confocal montages, and the location of each ROI was chosen based
on the presence of continuous CD31 staining, representing a continuous region of the inner wall
that was free of cracks, debris or other damage as seen in the SEM image. To maximize the
range and provide sufficient leverage for the colocalization analysis, ROIs were typically chosen
from regions with high or low tracer intensity, with some ROIs covering regions of moderate tracer
intensity. Within each ROI the tracer intensity (TI) was measured as the average pixel intensity
value over the ROI area in the transformed tracer montage. Note that the pixel intensities in the
tracer montage represent the depth-wise averaged pixel intensity of the tracer channel in the JCT
region within 10 µm of the inner wall (see above).
After ROIs were defined, each ROI was then re-imaged by SEM for pore counting. First,
an image at 1,500× magnification was acquired to identify any potential pore-like object, and
all pore-like objects were then re-imaged at 10,000× magnification. Each 10,000× image was
assigned a random identification number to mask any relationship with the ROI, and the masked
images were distributed to at least three observers who independently assessed each pore-like
object to distinguish true pores from artefacts and to identify pore type (I or B). Pore-like objects
were identified as pores if they had a smooth, approximately elliptical boundary and a dark inte-
rior. Pores that fell on the border of the ROI were included only if they fell on the left or upper
border. Any discrepancies in pore identification were discussed during a panel meeting until a
consensus was reached, and only after all pore decisions were finalized was the image key bro-
ken. The number of pores and pore density (n, equal to the number of pores divided by the ROI
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area) was then calculated for each ROI, and pore diameter (D) was computed from the measured
pore area A as: D =
√
4A
pi
. This definition of D is also known as the hydraulic diameter. Several
higher order moments of the pore diameter (nD, nD2, nD3) were also calculated, motivated by
hydrodynamic models of flow through pores, as described below.
3.2.7. Hydrodynamic models of inner wall hydraulic conductivity
In addition to pore density, the pore diameter may also influence the local accumulation of tracer
along the inner wall. Under the assumption that the tracer distribution represents the distribution
of aqueous humor filtration across the inner wall, the local tracer intensity should be proportional
to the local hydraulic conductivity (Lp 1) of the outflow pathway that includes the JCT and the inner
wall endothelium. Because this study did not directly assess the hydraulic properties of the JCT,
the hydraulic conductivity of the JCT was assumed to be uniform. Several models to describe Lp
of the inner wall with or without the JCT have been proposed including the funneling model [7] and
Sampson‘s law [6, 9]. Each of these models expresses Lp in terms of the product of pore density
(n) and a moment of pore diameter. Specifically, Sampson‘s law describes the hydrodynamic
resistance of viscous flow through an aperture as R = 3µ/r , where µ is the dynamic viscosity
and r is the radius of the aperture [151, 152]. As a result, the hydraulic conductivity of n pores with
diameter D can be described by Lp ∝ nD3. The funneling model describes how pores enhance
outflow resistance by funneling aqueous humor outflow through a small region of the porous JCT
directly upstream of the pore. Consequently, n of these porous regions with a typical dimension
D will have a hydraulic conductivity of Lp ∝ nD. Additionally, a model was considered where
the hydraulic conductivity was proportional simply to inner wall porosity (total pore area/analyzed
area), and as a result of Darcy’s law Lp ∝ nD2. The relationship between TI and each of the
resulting pore metrics n, nD, nD2 and nD3 was examined for total pores, I-pores and B-pores.
1The hydraulic conductivity (Lp) is defined as the ratio of the flow rate (Q) to the pressure drop (∆P) across a
hydraulically resistive barrier, normalized by the area (A) of the barrier.
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3.2.8. Statistical Analysis
To test whether there was a relationship between TI and any given pore metric, two separate
methods were used. First, an analysis of covariance (ANCOVA) was applied to the raw data.
Essentially, ANCOVA performs a linear regression on a particular pore metric as a function of TI,
with each ROI contributing a single data point to the regression analysis. The linear regression
is performed separately for each wedge (4-7 ROIs per wedge), but ANCOVA forces the slope of
the linear regression to be the same for all wedges. ANCOVA therefore provides an estimate of
the optimal slope that best describes the relationship between the pore metric and TI across all
wedges, and the confidence intervals on this slope are used to determine statistical significance
compared to the null hypothesis of zero slope. However, because ANCOVA operates on raw data
and because the raw TI and pore metrics may vary considerably between wedges of different
eyes, wedges that have particularly large data values may have a disproportionate leverage on
the estimated slope.
To account for any potential bias that may occur when analyzing raw data with ANCOVA, a
second method of analysis was applied using normalized data. Importantly, data normalization
(described below) eliminates the variation between wedges, while preserving the variation within
each wedge, such that all of the ROI data points span a similar numerical range and can be fitted
by a single linear regression. Because TI was normally distributed between ROIs within each
wedge (p > 0.12, Shapiro-Wilk test), TI was normalized (or, more accurately, studentized) ac-
cording to TI∗i ,j =
TIi ,j−µˆ(TIj )
σˆ(TIj )
, where asterisks represent normalized values, the subscript i and j refer
to the ith ROI of the jth eye, and µˆ and σˆ represent the estimated mean and standard deviation of
TI values over all i ROIs within the jth eye. Note that the normalization of TI expresses TI∗ in terms
of units of standard deviation from the mean for each corresponding wedge. Because the pore
density and diameter were skewed distributions (see Chapter 2), pore metrics values (n, nD, nD2,
nD3) were normalized by dividing the raw value by the mean value, where the mean for each pore
metric was calculated by averaging over the ROIs of the corresponding wedge. Normalized pore
metrics (n∗, nD∗, nD2∗, nD3∗) were plotted as a function of TI∗ including data from all wedges, and
the relationship between each pore metric versus TI∗ was analyzed by a single linear regression.
A two-tailed Student‘s t-test used to determine whether the slope of the linear regression was
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Figure 3.4.: Goodness-of-fit of overlay between vimentin image (yellow) and SEM image (grey)
of Eye 681B. Green arrows indicate regions of good fit, red arrows indicate regions of deviation.
Coincident structures are marked with an orange dotted line for the vimentin image and a white
dashed line for the SEM image. At the green arrows, these lines coincide very well with an error
of less than 2 µm. At the red arrows, the two lines deviate somewhat but never more than 4 µm.
significantly different from zero, with significance defined at p < 0.05. All statistical analysis was
performed using MATLAB (v2014a, MathWorks, MA, USA). The statistical power of a regression
analysis represents the probability of finding a statistically significant correlation assuming that
one exists. Because only a limited number of ROIs (typically 4-7) can be physically placed within
each wedge, the statistical power of a regression analysis applied to ROIs from a single wedge is
relatively low ( 25% assuming that R2 = 0.5 and α = 0.05). To overcome this limitation, we acquire
data from 31 ROIs from 6 different eyes, and perform the analysis on the aggregated data. This
approach increases the statistical power to approximately 71% for the ANCOVA approach and
73% for the single linear regression on the normalized data [153].
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Eye! Average pore density [1/mm2]! Number of observed pores! Percentage of Total!
 ! All pores! I-pores! B-pores! All pores! I-pores! B-pores! % I-pores! % B-pores!
649C! 3635! 911! 2440! 105! 26! 71! 25%! 68%!
650D! 704! 320! 384! 20! 9! 11! 45%! 55%!
669B! 3333! 1400! 1867! 150! 63! 84! 42%! 56%!
670B! 2378! 689! 1644! 107! 31! 74! 29%! 69%!
681B! 1352! 743! 552! 71! 39! 29! 55%! 41%!
682D! 1633! 1133! 500! 49! 34! 15! 69%! 31%!
Total! 2173±471! 866±153! 1231±354! 382! 129! 240! 44±6.7%! 53±6.2%!
Table 3.2.: Summary of the observed pore densities, the absolute number of pores observed and
the percentage of I-pores and B-pores. Note that the total pore densities and percentages of I-
pores and B-pores are provided as mean ± SEM, whereas the total number of observed pores is
a sum of all the observed pores. To further illustrate that some pairs of eyes have predominantly
B-pores whereas others have predominantly I-pores, the majority and minority pore types have
been colored green and red respectively.
3.3. Results
3.3.1. Image Registration
The transformed vimentin and CD31 images co-registered well with the SEM images, see Figure
3.4. The distance between corresponding features was typically less than 4 µm, and the vimentin
staining around nuclei and GVs corresponded very well with the same structures seen by SEM
(Figure 3.3, top left panel). The accuracy of the registration algorithm was therefore judged to
be within a few µm and thereby considered to be sufficient for a colocalization analysis between
tracer intensity and pore density over length scales of the ROI (50 × 150 µm).
3.3.2. Outflow Facility and Pore Density
Baseline outflow facilities were within the typical range for non-glaucomatous eyes (0.1 - 0.3
µL/min/mmHg, see Table 3.1). Perfusion with tracer tended to decrease facility (Table 3.1), but
tracer did not have a consistent or statistically significant effect across all eyes. Perfusion with
gelatin did not significantly decrease outflow facility relative to the contralateral eye that was
perfused without gelatin (Table 3.1). The average total pore density observed across all six eyes
was 2173 ± 471 pores/mm2 (mean ± SEM) The average I-pore density was 866 ± 153
pores/mm2, and the average B-pore density was 1231 ± 354 pores/mm2 (Table 2). Although B-
pores constituted the overall majority of pores (53 ± 6.2 % vs. 44 ± 6.7 %, mean ± SEM),
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 " Model! Total pores! I-pores! B-pores!
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ta
!  " p" Partial η2" Slope" p" Partial η2" Slope" p" Partial η2" Slope"
n" 0.044! 0.16" +" 0.54" 0.02" +" 0.016! 0.22" +"
nD" 1.5E-03! 0.35" +" 0.38" 0.03" +" 2.5E-05! 0.53" +"
nD2" 3.2E-04! 0.42" +" 0.84" 0.00" +" 4.8E-07! 0.66" +"
nD3" 4.0E-04! 0.41" +" 0.81" 0.00" +" 1.9E-06! 0.62" +"
t-t
es
t 
No
rm
al
ize
d 
Da
ta
!  " p" R
2" Slope" p" R2" Slope" p" R2" Slope"
n*" 0.054! 0.12" +" 0.27" 0.04" +" 0.051! 0.12" +"
nD*" 0.006! 0.22" +" 0.10" 0.09" +" 3.7E-03! 0.25" +"
nD2*" 0.007! 0.22" +" 0.21" 0.05" +" 1.1E-03! 0.30" +"
nD3*" 0.027! 0.15" +" 0.31" 0.03" +" 7.8E-04! 0.32" +"
Table 3.3.: Statistical analysis of correlations between tracer intensity and pore density (n) or
pore metrics based on pore diameter and density (nDx ). The correlations were performed taking
into account all pores, I-pores only and B-pores only, as indicated. An ANCOVA analysis was
performed on the raw data and partial η2-values were reported as a measure of goodness of fit of
the statistical model. A student‘s t-test was performed on the slope of a linear regression through
the normalized data. For each linear regression, the slope and the coefficient of determination,
R2, were reported as a measure of goodness of fit. Note that all slopes were positive, indicating
positive correlations. The correlations between tracer intensity and total pore density, and be-
tween tracer intensity and B-pore density were borderline significant (yellow). B-pores showed
a clear correlation with tracer intensity for all hydrodynamic models. p-values have been color-
coded with green indicating a significant correlation (p < 0.05), yellow for a borderline significant
correlation (0.10 < p < 0.05) and red for non-significant correlations with (p > 0.10).
one pair of eyes (681/682) showed more I-pores than B-pores (62 ± 7.2 % I-pores vs. 36
± 5.1 % B-pores). The other two pairs had a majority of B-pores (35 ± 4.9 % I-pores vs. 62
± 3.7 % B-pores). The remainder of pores (typically 3 - 7 %) were U-pores that could not be
clearly classified, usually because part of the pore was obscured from view preventing definitive
identification of a cell border.
3.3.3. Relationship between Pore Density and Tracer Intensity
An ANCOVA analysis applied to all 31 ROIs from 6 eyes showed a positive correlation between
TI and total pore density (p = 0.044, Table 3.3). When ANCOVA was applied to each pore type
separately, there was a statistically significant correlation between paracellular (B-pore) density
and TI (p = 0.016), but no relationship between transcellular (I-pore) density and TI (p = 0.54;
Table 3.3).
Because ANCOVA operates on raw pore density and tracer intensity, and because there
may be significant variability in the numerical values of these data between eyes, the outcome of
the ANCOVA analysis may be biased by extreme values of pore density or tracer intensity that
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Figure 3.5.: Regression on normalized data of tracer intensity and pore density for all pores,
I-pores and B-pores. Values of tracer intensity were studentized within each eye using the es-
timated mean and standard deviation. Values of pore density were normalized within each eye
using the estimated mean. Data points lie predominantly in the top right and bottom left quad-
rants, especially when considering all pores and B-pores only. This is reflected by the linear
regression (black line) and its 95% confidence bounds (purple dashed lines). The correlations
were borderline significant for all pores (p = 0.054) and B-pores (p = 0.051) but not significant for
I-pores (p = 0.27).
may exert high statistical leverage on the common slope of the ANCOVA regressions. Indeed,
total pore density (p = 0.0003, ANOVA), B-pore density (p = 0.0008) and TI (p = 0.0007) were
all significantly different between eyes. To account for this potential confounding factor, tracer
intensity and pore density data were normalized as described in Methods, and normalized data
from all eyes were aggregated together and analyzed using a single linear regression. Note that,
as a result of the normalization, all data values are non-dimensional and are centered around 0
for the tracer intensity and around 1 for the pore metrics (Figure 3.5).
There was a borderline significant correlation between the normalized pore density and
normalized tracer intensity when applied to total pores (p = 0.054), with a positive slope for the
linear regression suggesting that pore density tends to increase with increasing tracer intensity
across the entire population of ROIs. When analyzed in terms of pore subtypes, there was a
slightly stronger statistical relationship for B-pores (p = 0.051) but not for I-pores (p = 0.27),
consistent with the ANCOVA results above. These results suggest that B-pores, more so than I-
pores, tend to co-localize with regions of elevated tracer accumulation, presumably representing
sites of greater fluid transport across the inner wall.
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Figure 3.6.: Correlations between tracer intensity and pore metrics arising from hydrodynamic
models (Methods). The pore metrics had a better fit with tracer intensity than correlations be-
tween pore density and tracer intensity (Figure 3.5) in all pores (p < 0.027) and B-pores (p
< 0.0037). I-pores showed no clear correlation between tracer intensity and any of the hydro-
dynamic models (p > 0.10). See also Table 3.3.
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3.3.4. Hydrodynamic Models
To understand how pore density (n) and diameter (D) may influence the local hydraulic conduc-
tivity (Lp) of the outflow pathway, we examined the relationship between tracer intensity and Lp
as predicted by the funneling model (Lp ∼ nD), the porosity model (Lp ∼ nD2) and the model
of Sampson‘s law (Lp ∼ nD3). Statistics were determined using both raw data analyzed by AN-
COVA and normalized data analyzed by single linear regression. All regressions, regardless of
the statistical approach, had a positive slope (Figure 3.6) and the correlations for the hydrody-
namic models (nD, nD2 and nD3) were statistically stronger than those for the pore density (Table
3.3). By ANCOVA, a clear trend emerged: tracer intensity showed a highly significant positive cor-
relation for all pore metrics involving B-pores (p < 0.000025) but not for those involving I-pores
(p > 0.38; Table 3.3 and Figure 3.6). The same trend was observed using normalized data,
where all pore metrics correlated strongly with tracer intensity for B-pores (p < 0.0037) but not
for I-pores (p > 0.10). Presumably, the stronger correlations with B-pores overcame the weaker
correlations with I-pores and contributed to the statistically significant correlations observed when
both pore subtypes were aggregated and analyzed together as total pores (p < 0.027).
In addition to investigating the correlations between tracer intensity and hydrodynamic mod-
els, we can also use these models to evaluate the relative contribution of each pore type to the
hydraulic conductivity of the inner wall. Table 3.4 shows that the diameter of B-pores was gener-
ally larger than the diameter of I-pores. As a result, B-pores contribute dominantly to the hydraulic
conductivity of the inner wall.
To determine which hydrodynamic model gave the best fit to the tracer data, we compared
the partial η2 values from the ANCOVA analysis and the R2 values from the normalized analysis.
The partial η2 and R2 values for all hydrodynamic models were typically 5-fold greater for B-
pores (η2 > 0.22, R2 > 0.12) than I-pores (η2 < 0.03, R2 < 0.09), consistent with the stronger
statistical relationships with B-pores presented above. The largest partial η2 value was observed
for the B-pore porosity (nD2∗2∗) model (η2 = 0.66), while the largest R2 value was observed for
the B-pore Sampson‘s law (nD3) model (R2 = 0.32; Table 3.3). However, the values of partial η2
and R2 were relatively similar between all three models, making it difficult to definitively determine
which specific model best fit the data.
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Eye! Contribution to total hydraulic conductivity [%]! Mean Pore Diameter [µm]!
 ! I-pores! B-pores! I-pores! B-pores!
 ! nD! nD2! nD3! nD! nD2! nD3!  !  !
649C! 23%! 16%! 22%! 66%! 66%! 68%! 0.34! 0.41!
650D! 24%! 11%! 4%! 75%! 89%! 96%! 0.43! 0.89!
669B! 46%! 53%! 61%! 51%! 52%! 37%! 0.36! 0.37!
670B! 25%! 15%! 8%! 76%! 85%! 92%! 0.20! 0.42!
681B! 44%! 40%! 38%! 53%! 60%! 61%! 0.24! 0.33!
682D! 68%! 69%! 71%! 32%! 31%! 29%! 0.44! 0.56!
Mean±SEM! 38 ± 7.2%! 34 ± 9.7%! 34 ± 11%! 59 ± 6.9%! 64 ± 8.8%! 64 ± 11%! 0.33 ± 0.04! 0.50 ± 0.08!
Table 3.4.: Relative contributions of both pore types to the total hydraulic conductivity of the inner
wall according to the different hydrodynamic models. B-pores generally have larger diameters
than do I-pores, resulting in a dominant contribution of B-pores to the total hydraulic conductivity
of the inner wall.
3.4. Discussion
Several studies have investigated how tracer particles pass through the trabecular outflow path-
way, mostly by imaging transverse sections through the TM, JCT and SC endothelium [15, 55,
59, 90, 99]. Some of these studies observed tracer particles close to pores [59] or passing
through pores [60]. However, the small number of pores typically observed in individual sections
has prevented any detailed quantitative analysis of the relationship between tracer accumulation
in the JCT and pores in the inner wall of SC. In the present work, this problem was overcome
by sampling a large area of the inner wall using correlative microscopy to acquire co-registered
images of inner wall pores by scanning electron microscopy and tracer distribution in the JCT by
confocal microscopy. Using this approach, a strong correlation was observed between tracer in-
tensity and B-pore density and pore metrics, but no correlation was observed with I-pore density
or pore metrics. These observations strongly argue that aqueous humor passes through micron-
sized pores in the inner wall endothelium of Schlemm‘s canal, with a dominant hydrodynamic
contribution from paracellular B-pores compared to transcellular I-pores. Furthermore, these ob-
servations demonstrate that the location of B-pores and the local hydraulic conductivity arising
due to B-pores co-localizes with the non-uniform or segmental distribution of outflow through the
JCT.
The fundamental assumption underlying this tracer study (and any tracer study) is that the
tracer distribution reflects the pattern of aqueous humor outflow through the TM/JCT, such that
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regions of higher tracer accumulation correspond to regions of higher outflow. Indeed, prior tracer
studies have shown that tracer accumulation coincides with the location of collector channel ostia
[154, 155] and with regions of JCT containing less versican [156], supporting this assumption.
3.4.1. Rationale for Immersion Fixation
The current study used immersion fixation, although it is generally believed that perfusion fixation
is necessary to preserve pores and giant vacuoles along the inner wall [41]. Pores and giant
vacuoles, however, were commonly observed in the immersion-fixed samples of this study, sug-
gesting that the two-step method of first immersing the eye in wet ice followed by immersion in
ice cold fixative somehow preserved inner wall structure.
The motivation for the immersion fixation approach was three-fold. Firstly, perfusion fixation
is believed to artificially increase inner wall pore density, and we wished to avoid this artifact so
as to best examine the relationship between pore density and tracer intensity. Secondly, in the
eyes perfused with gelatin, wet ice was necessary to ‘set’ the gelatin prior to aldehyde fixation.
Thirdly, the rapid drop in temperature would quickly inhibit metabolic activity at the inner wall
and decrease the fluidity of lipid membranes, which we presumed would inhibit pore closure and
giant vacuole retraction and thereby preserve these structures until the inner wall was aldehyde
fixed. Indeed, using estimates of the heat transfer rate through sclera, the temperature of the
inner wall should decrease from 34° C to 4° C within 30 s to 5 min 2 following immersion in
ice cold water at 0° C. While the eye is cooling, however, IOP decreases as fluid drains through
the outflow pathway (recall that the perfusion tubes were clamped, preventing backflow through
that route). Conservative estimates of the IOP decay indicate that it takes at least 20 min 3 for
IOP to decrease from 8 to 4 mmHg after clamping the perfusion tubing. Even if the IOP was
2This is a heat transfer problem; where the eye is modelled as a sphere of radius 12 mm with SC endothelium
located 0.5 mm beneath the scleral surface [157]. Assuming that the thermal conductivity of the sclera is 0.53
Wm−1 K [158], that the specific heat capacity of the sclera is 4181 Wkg−1 K, and that the surface of the sclera
is either a constant temperature boundary condition (0° C; corresponding to the lower time limit) or a convective
boundary condition with heat transfer coefficient 500 Wm−2 K (corresponding to the upper time limit). Both
boundary conditions have an analytical solution given by Schneider [159] that, when using the parameter values
given above, yield the time limits given in the main text.
3The eye was treated as an RC circuit with an outflow resistance of 5 mmHg min µL−1 and an ocular compliance of
C = 1Kr P with P = 6 mmHg and Kr = 0.0215 µL
−1 [160]. The IOP therefore decreases according to P0 = e−t/RC ,
where P0 is the initial pressure (8 mmHg), predicting that the eye reaches 4 mmHg at t = 20 min. Note that the
compliance increases considerably as pressure drops, suggesting that this calculation underestimates the actual
time required for IOP to reach 4 mmHg.
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reduced immediately to 0 mmHg, pore closure would still likely require several minutes, based on
best estimates of the giant vacuole retraction time [161] and pore formation in other endothelia
[137]. Thus, the ‘cooling’ rate of the inner wall was likely faster than the turnover time for pore
formation and closure, and this rapid cooling may have preserved the inner wall structure despite
the absence of perfusion fixation.
We cannot eliminate the possibility that the rapid decrease in temperature somehow in-
duced pore formation. Indeed, the pore densities observed in this study were consistent, but
somewhat higher (2181 ± 1336 pores/mm2), than prior reports of inner wall pore density (835
- 1437 pores/mm2), even when prior values were corrected to account for the artificial increase
in pore density caused by perfusion fixation [12, 16]. Alternatively, the temperature decrease
may have differentially affected each pore type. Indeed, higher proportions of B-pores relative
to I-pores were typically observed in this study, opposite to the ratio observed in other stud-
ies. Specifically, in this study 53% of all observed pores were B-pores (Table 3.2), whereas in
a prior study 30% of all observed pores were B-pores [9]. Importantly however, because the
current study compared between ROIs from within individual wedges, any temperature-induced
pore formation that may have influenced the results in this study must have affected each ROI
differentially, otherwise any artifact that affected all ROIs uniformly would have been effectively
eliminated by the statistical normalization. Furthermore, if temperature-induced pore formation
were to account for the observed relationship between pore metrics and tracer intensity, it would
have to occur preferentially in regions of higher tracer accumulation. While this possibility can-
not be eliminated, it seems unlikely, and considering that perfusion fixation is already known to
artificially increase pore density, immersion fixation on ice seems a reasonable alternative for
preserving inner wall pore structure.
3.4.2. The Spatial Relationship Between Pores and Local Filtration
The spatial correlation observed between pores and tracer suggests that pores are related to
outflow segmentation, but does not provide insight as to the causality of such a relationship.
There are two limiting scenarios for how pores may interact with flow. First, local filtration may
trigger pore formation. In Chapter 2 it was established that cellular strain can induce pores in
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SC endothelium, so it is possible that pore formation results from the cellular strain imposed by
giant vacuole formation or inner wall ‘ballooning’ associated with transendothelial filtration. In
this scenario, the inner wall functions as a “smart” filter, adjusting its porosity and local hydraulic
conductivity to accommodate local variations in outflow segmentation, with biomechanical strain
acting as the local signal for pore formation. The second scenario is that pore formation may
regulate local filtration. Because the hydraulic conductivity of a non-porous region of the inner
wall is low due to tight junctions between SC cells [7, 8], micron-sized pores are an apparent
requirement for aqueous humor filtration across the inner wall. Local pore formation, possibly
induced by paracrine signals released by JCT, TM or SC cells, may thereby determine filtration
patterns to influence outflow segmentation.
The current study is unable to determine which of these scenarios is most correct. However,
we speculate that the physiological situation is a mix of both extremes, representing a coupled in-
teraction between local filtration demands and the cellular biomechanics involved in giant vacuole
and pore formation. For example, a recent study by Overby et al. has shown that pore formation
correlates with the stiffness of the subcortical cytoskeleton in SC cells and, in line with this ob-
servation, that glaucomatous SC cells eyes exhibit both a stiffer subcortical cytoskeleton and a
reduced ability to form pores [32]. This leads to an interesting question of whether variations in
SC cell stiffness exist along the inner wall, and whether such variations in stiffness may coincide
with variations in pore density. Regardless of the precise mechanism, the fact that pore density
is reduced in glaucomatous eyes and that impaired pore formation persists in glaucomatous SC
cells in culture, suggests that disrupting the normal mechanism of SC pore formation leads to
impaired filtration and likely impaired turnover of matrix components in the JCT, contributing to
outflow obstruction and IOP elevation in glaucoma.
3.4.3. Differential Responses of I-pores and B-pores
The relationships between pore metrics and tracer were much stronger for paracellular B-pores
compared to transcellular I-pores, and the strong relationship with B-pores likely contributed to
the overall relationship that was observed between tracer and total pores. These results suggest
that B-pores provide the dominant pathway for aqueous humor filtration across the inner wall. In
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contrast, I-pores showed no correlation with tracer intensity. While these data cannot exclude
any potential role for I-pores, the data do suggest that I-pores function differently so as to be less
conductive than B-pores at physiological pressure drops across the inner wall, as examined in this
study. For example, the ultrastructure of the JCT or extracellular matrix underlying I-pores may
be more resistive than that underlying B-pores. Alternatively, B-pores and I-pores may operate at
different ranges of pressure drop across the inner wall or function under different time or length
scales. For example, I-pores might require more time to become fully conductive or have smaller
or larger hydrodynamic radius of influence than is captured by the 150 × 50 µm size of the ROI.
Regardless, the data strongly support a hydrodynamic role for B-pores, but we would caution
against using these data to argue against any potential role of I-pores.
Like the two pore sub-types observed in SC, vascular and lymphatic endothelia also exhibit
two pathways for transport, particularly for leukocyte diapedesis that may proceed via transcel-
lular or paracellular routes. In endothelia that form well developed intercellular junctions such
as in the blood-brain barrier, leukocyte diapedesis occurs predominantly transcellularly allowing
the junctions to be maintained and barrier function to be preserved [162]. In microvascular and
lymphatic endothelia with less well developed intercellular junctions, leukocyte diapedesis occurs
predominantly paracellularly [122]. Similarly, the pore type in SC endothelium may depend on
the quality of the local junctions or paracrine signals from TM, JCT and/or SC cells potentially
mediated by physical cues related to IOP or outflow [163].
In conclusion, this study demonstrated a colocalization between paracellular B-pores and
local tracer accumulation along the inner wall of Schlemm‘s canal in human eyes perfused with
fluorescent tracer nanoparticles. These results strongly argue that pores provide a pathway for
aqueous humor filtration across the inner wall and that location of pores may contribute to seg-
mental distribution of aqueous humour outflow in the JCT. Increasing pore density is therefore a
promising strategy therapy to promote outflow and lower IOP in glaucoma.
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4.1. Introduction
The majority of aqueous humor (AH) leaves the eye through the trabecular outflow pathway. This
pathway generates a resistance against AH outflow and is thereby a major determinant of the
intraocular pressure (IOP). The majority of outflow resistance is generated in the close vicinity of
the inner wall of Schlemm’s canal (SC), and this tissue is also the location of increased outflow
resistance associated with primary open angle glaucoma (POAG) [4, 5]. The pores that are
observed passing through the endothelium of Schlemm’s canal (SC) inner wall are the likely site
of AH flow across the endothelium as shown in Chapter 3 [8, 125]. Importantly, pore density is
reduced in glaucomatous eyes by up to five-fold [12, 16] and may contribute to outflow obstruction
and IOP elevation in glaucoma. The factors that control pore formation and how these become
altered in glaucoma remain largely unknown. The mechanical environment of SC endothelium
seems to play an important role in pore formation. The basal-to-apical pressure drop across SC
endothelium pushes SC endothelium away from the underlying basement membrane, resulting
in the formation of cellular outpouchings called giant vacuoles [4, 5, 41, 43]. The cellular strain
associated with GV formation induces pore formation (Chapter 2). The mechanism(s) involved in
strain-induced pore formation remain unclear but it is possible that PLVAP, a structural protein of
the stomatal diaphragm of caveolae and fenestrae, plays a role in I-pore formation. It was recently
reported that PLVAP -/- knock-out mice have a significantly reduced ability to form fenestrae, and
seemingly also I-pores [8, 110, 125].
A major limitation in any investigation of pore formation is imaging and quantification of
the pores themselves. Past approaches have relied on scanning electron microscopy (SEM) to
visualize the cell surface at sub-micron resolution and to identify and count pores. Because of the
resolution required, only a small region of the cell layer can be imaged in any given micrograph,
but obtaining a statistically unbiased sample requires imaging of a large area, creating a ‘multi-
scale’ dilemma. Thus, studies have typically resorted to imaging large areas of the cell layer,
generating 50-100 images per sample. The acquisition of the resulting, large datasets, together
with the subsequent image analysis, make this method very time consuming. Another drawback
is that the current, SEM-based method does not allow for fluorescence imaging and live cell
imaging, both key techniques in studying biological processes and mechanisms.
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Figure 4.1.: The fluorescent permeability assay is based on the high affinity between biotin and
avidin. Cells are cultured on substrates that are covalently coated with biotinylated gelatin or
collagen (blue triangles). If the cell layer is exposed to avidin conjugated to a fluorescent probe,
such as FITC, the FITC-avidin (yellow dots and gray arrowheads) can bind to the biotinylated
substrate, but only at permeable locations where openings in the cell monolayer allow the FITC
avidin to reach the biotinylated substrate. The irreversible biotin-avidin bond leaves a fluorescent
imprint that identifies the regions of high local permeability along the monolayer.
A fluorescent permeability assay that was recently developed by Dubrovskyi and colleagues
[12, 16, 17] could overcome the “multi-scale” dilemma described above by providing a way to
unambiguously label pore locations across the entire cell layer using light microscopy. The assay
works by culturing cells on biotinylated substrates and exposing the resulting cell layer to avidin
conjugated to a fluorescent probe such as FITC (FITC-avidin). Wherever the FITC-avidin is able
to cross the cell layer it will bind to the biotin on the substrate (Figure 4.1), potentially revealing a
fluorescent image of pores and cell boundaries.
In this study, the fluorescent assay is used to investigate pore formation in SC cells in
response to cellular strain. The first aim was to benchmark the fluorescent assay as a method
to quantify pore density against experiments that used the conventional SEM-based method,
such as presented in Chapter 2. As a prerequisite, the biotinylation of extracellular matrix (ECM)
proteins had to be efficient and reproducible. The biotinylation process was therefore optimized
by varying the type and concentration of the biotinylation compound. Furthermore, effects of
temperature, corona treatment of the substrate prior to, and drying after, on ECM adsorption was
investigated. Subsequently, human SC endothelial cells were cultured on elastic membranes
that were covalently coated with biotinylated gelatin. In order to replicate the strain-induced
pore formation observed in a previous study (Chapter 2), a 0%, 10% or 20% equibiaxial strain
was imposed on the membrane after which the cells were briefly exposed to FITC-avidin. The
second aim was to investigate strain-induced pore formation in glaucomatous SC cells. It was
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hypothesized that glaucomatous cells have reduced pore-forming ability, leading to a reduction
in strain-induced pore formation compared to normal SC cell lines. This hypothesis was tested
using the same cell-stretching technique employed in Chapter 2.
4.2. Methods
4.2.1. Experimental Design
To obtain maximum contrast from the fluorescent permeability assay, a sufficiently high concen-
tration of biotin should be homogeneously distributed along the substrate. This was achieved
by covalently attaching biotin molecules to extracellular matrix (ECM) proteins that were subse-
quently used to coat a substrate. The biotinylation protocol is based on the original publication
[17] but is described and validated here in more detail. The biotinylation process was optimized
for both gelatin and collagen type I, although only biotinylated gelatin was used in the remainder
of the study. Once the biotinylation process was satisfactory, cell stretching and drug screening
experiments were carried out using the biotinylated ECM proteins. For the stretch experiments,
stretchable substrates were compartimentalized using cloning rings and covalently coated with
biotinylated or non-biotinylated gelatin. The resulting wells were either positive controls that were
coated with biotinylated gelatin but without cells, negative controls that were coated with non-
biotinylated gelatin on which human SC cells were grown, or experimental wells that were coated
with biotinylated gelatin and on which cells were grown, see Figure 4.2. Once the cells were
confluent, the cloning rings were removed and an equibiaxial strain of 0%, 10% or 20% was ap-
plied to the substrate for 5 min, during the last 3 of which the cells were exposed to FITC-avidin.
Stretch experiments were conducted with both a normal and a glaucomatous SC cell line.
4.2.2. Biotinylation of Gelatin
Gelatin from porcine skin (G2500, Sigma-Aldrich, UK) was dissolved at 10 mgmL−1 in 0.1M
NaHCO3 at pH 8.3 for 1 h at 37° C. The gelatin solution was centrifuged at 2000× g for 20
min, and the supernatant was collected for biotinylation. The biotinylation reagent (EZ-link NHS-
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Step 1: Membrane Coating! Step 2: SC Cell Seeding! Final Compartmentalization!
11 Wells Biotinylated!
5 Wells Non-Biotinylated!
11 Wells with cells!
5   Wells without cells!
6 Experimental Wells!
5 Negative Controls!
5 Positive Controls!
Figure 4.2.: Schematic representation of the compartmentalization of the experimental wells and
the negative and positive controls. The compartmentalization is achieved in a two step process.
Step 1: A 4×4 grid of cloning rings is placed onto the stretchable membrane after it has been
incubated with glutaraldehyde (see Section 4.2, Methods) 11 wells are incubated with biotinylated
gelatin and 5 wells are incubated with non-biotinylated gelatin. After incubation, the solutions are
aspirated and the wells are washed thoroughly with DPBS before proceeding to the next step.
Step 2: With the grid of cloning rings still in place, SC cells are seeded in 11 of the 16 wells,
whilst the remaining 5 wells don’t receive any cells. This results in a final compartmentalization
of 6 experimental wells with SC cells seeded on substrates coated with biotinylated gelatin, 5
negative controls with SC cells seeded on substrates coated with non-biotinylated gelatin and 5
positive controls without cells and a substrate coated with biotinylated gelatin.
LC-LC-Biotin, 21343, ThermoScientific, UK), was dissolved in dimethyl sulfoxide (DMSO, D8418,
Sigma Aldrich) at 5.7 mgmL−1. This biotinylation reagent has an elongated valeric chain (30.5
Å) to improve the accessibility of biotin for avidin binding, while the N-hydroxysuccinimide (NHS)
group, upon activation with water, allows for the binding of the molecule to amine groups of the
gelatin or collagen. The biotinylation reagent was mixed 9:1 with the gelatin solution at room
temperature for 1 h. The final solution was aliquoted and frozen at -20° C.
4.2.3. Biotinylation of Collagen Type I
The original publication, in which the fluorescent permeability assay was first described, does not
include a protocol for the biotinylation process of collagen type I. The biotinylation of collagen
is more complicated than that of gelatin because collagen needs to be dissolved at a pH of 2-
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5 that is incompatible with the neutral pH required for the biotinylation process. Moreover, the
~10mgmL−1 collagen concentration required to achieve a good yield of biotinylation is close
to the maximum solubility of collagen. The different pH levels required for dissolving collagen
and biotinylating collagen required the use of a single buffering system with acid dissociation
constants (pKa) of pKa~4 and pKa~8 respectively. Importantly, the buffer had to be chosen so as
not to react with the biotinylation reagent. A sodium phosphate buffer system was used with pKa1
= 2.15, pKa2 = 6.82 and pKa3 = 12.38 (S5136 and 71507, Sigma Aldrich, UK). Collagen type I
from bovine skin (C3511, Sigma Aldrich) was dissolved at 6.7 mgmL−1 in sodium phosphate
buffer at pH 4.1 by continuous vortexing overnight at room temperature. The pH was then raised
to pH = 8 by addition of 1 M NaOH. The subsequent biotinylation of collagen was performed in
the same way as the biotinylation of gelatin described above.
4.2.4. Assessment of Biotinylation
To validate the biotinylation of gelatin and collagen, the biotinylated proteins were diluted to 0.25
mgmL−1 in Dulbecco’s phosphate buffered saline and adsorbed to the polystyrene substrate of a
clear-bottomed 96-well plate (Corning 3603) overnight at 37° C. The coated surfaces were then
incubated with 25µgmL−1 FITC-avidin (#43-4411, Life Technologies, UK) for 1 hour at 37° C,
and were washed twice with Dulbecco’s phosphate buffered saline (DPBS, Gibco 14040-133,
Life Technologies) both before and after the FITC-avidin incubation. Surfaces coated with non-
biotinylated gelatin or collagen were used as a negative control. A fixed volume of the FITC-
avidin solution contained within a multiwall plate without ECM coating was used as a positive
control to measure the fluorescence of the FITC-avidin solution. The fluorescence intensity was
measured using a plate reader (SpectraMax M5, Molecular Devices) with appropriate emission
and excitation filters for FITC (Ex: 495nm/Em: 525nm, bottom read).
Because the efficiency of the biotinylation process was assessed by coating the ECM pro-
teins on tissue culture plastic, the fluorescent read-out is affected by both the biotinylation pro-
cess itself as well as the substrate coating and the FITC-avidin exposure. Before attempting to
optimize the biotinylation process, any variability due to the substrate coating process and FITC-
aviding exposure had to be eliminated. The substrate of the 96-well plates used to assess the
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efficiency of the biotinylation process was formed of TC-treated polystyrene. Adsorption of ECM
proteins to polystyrene is, among other factors, affected by 1) the temperature at which the pro-
cess takes place and 2) whether the substrate was exposed to a plasma or corona discharge
[164]. Plasma and corona treatment increase the wettability of polymeric substrates, thereby
improving adsorption. The effect of these two factors on the adsorption of biotinylated collagen
type I was investigated. The incubation temperature was varied between 4° C and 37° C, the
substrate was either incubated directly with the biotinylated collagen or exposed to a corona dis-
charge for 10 s prior to incubation. The corona discharge treatment was applied for 10s using
a plasma pen (Type BD-20-AC, Electro-Technic Products Inc,). After adsorption, the biotinylated
collagen solution was aspirated and washed twice with DPBS. The effect of air-drying the sub-
strate after these washes on the amount of fluorescence was investigated. Lastly, the effect of a
FITC-avidin concentration on the read-out was investigated by varying the FITC-avidin concen-
tration between the 25 µgmL−1 used in the original protocol and a higher concentration of 125
µgmL−1. For all experiments, the FITC-avidin was diluted in DPBS and applied to the substrates
for 1 hour at 37° C. Before performing the read-out on the plate reader, the FITC-avidin solution
was aspirated and the well was washed twice with DPBS.
Once variability due to substrate coating was understood, the biotinylation process could be
optimized, by trying different types and concentrations of the biotinylation agent. The biotinylation
agent consists of the biotin molecule, a spacer arm of 30.5 Å and a leaving group. Upon reaction
with water, the leaving group allows the rest of the biotinylation agent to react with any amine
group on the collagen before being cleaved off. Two types of biotinylation reagent were consid-
ered, each with a different leaving group. NHS-LC-LC-Biotin has NHS (N-hydroxysuccinimide)
as the leaving group and requires solubilization in DMSO prior to dilution in aqueous solutions.
Sulfo-NHS-LC-LC-Biotin (21338, Thermoscientific) has a sulfonated NHS group as the leaving
group making it readily soluble in water. The concentration of the biotinylation reagent was varied
between 0.1 and 5 mgmL−1 to investigate whether this improved the fluorescence intensity as
observed using the plate reader, as a measure of the yield of the biotinylation process.
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4.2.5. SC Cell Isolation and Culture
Schlemm‘s canal endothelial cells were isolated from human donor eyes in Prof. Stamer’s lab
using an established cannulation technique [128]. The endothelial origin of the cells was verified
by expression of VE-Cadherin and Fibulin-2 [129]. The primary cell strains were used between
passage three and six and will be referred to as “cell lines” rather than “strains” as typical nomen-
clature for primary cells to avoid confusion with the mechanical “strain” applied to the cells. Cell
lines SC65, SC67 and SC70 were isolated from a 68 year-old, a 44 year-old and a 42 year-old
non-glaucomatous donor respectively and SC57g was isolated from a 78 year-old glaucoma-
tous donor. The cells were cultured in 1 g L−1 glucose Dulbecco’s Modified Eagle’s Medium
containing L-glutamine and 25mM HEPES (DMEM, Gibco 22320, Life Technologies, UK), sup-
plemented by 10% Fetal Bovine Serum (FBS, Hyclone SH30070.03, Thermoscientific, UK) and
1% Penicillin/Streptomycin (P4333, Sigma Aldrich, UK). The cells were cultured in an incubator
at 37° C, 100% humidity and 5% CO2 and passaged prior to reaching confluence using 0.25%
trypsin-EDTA (T4049, Sigma Aldrich, UK).
4.2.6. Stretching Device
The cells were stretched as previously described (Chapter 2). In short, three membrane stretch
devices were manufactured following an established design by Lee et al. [130]. The device
consists of an arrangement of three concentric cylinders. The outer and middle cylinders were
threaded and when the outer cylinder was turned with respect to the middle cylinder, the inner
cylinder indented an elastic membrane that was clamped into the middle cylinder. The amount of
membrane stretch was calibrated as a function of outer cylinder turns with respect to the middle
cylinder (Chapter 2, Figure 2.3). Cells were seeded on the upward facing side of the membrane
that was clamped into the stretch device, thereby creating a culture chamber that could hold
culture medium. The top of the stretching device was covered by the lid of a 90mm petri dish to
maintain sterility.
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4.2.7. Membrane Coating
polydimethylsiloxane (PDMS) membranes (0.254 mm thickness, 70P001-200-010, Specialty
Manufacturing, Saginaw, MI, USA) were selected for their elastic and transparent properties.
The cells needed to be firmly attached to the elastic membrane in order to experience the strain
imposed to the membrane. However, cells neither attach nor spread on untreated PDMS sub-
strates. The PDMS substrate was therefore modified by covalently attaching ECM proteins to its
surface, resulting in firm attachment of the cells and good transfer of strain from the membrane to
the cells. The surface modification was performed as described before (Chapter 2). Briefly, PDMS
membranes (85x85mm) were plasma oxidized (70 Pa, 70W for 90 s, PlasmaPrep 5, GaLa Instru-
mente, Germany), incubated with 10% APTES ((3-aminopropyl)triethoxysilane, 440140, Sigma
Aldrich, UK) in ethanol for 45 min on a hotplate at 55° C. The membranes were then washed
thoroughly with DPBS, incubated with 3% glutaraldehyde (G011, TAAB, UK) in DPBS for 20 min
at room temperature. Each membrane was then washed again, clamped into a stretch device
and compartmentalized by placing a 4 × 4 array of cloning rings (a cut-out from an autoclavable
1mL pipette tip box, StarLab, UK) onto the membrane using autoclaved silicone grease. Stock
solutions of biotinylated and non-biotinylated gelatin were sterilized prior to coating the substrate
by overnight incubation on a layer of chloroform (~10% of the volume of the protein solution). The
solutions were subsequently diluted to 0.25 mgmL−1 in DPBS for the coating process. Of the 16
wells in the cloning ring array, 11 wells were incubated overnight at 37° C with biotinylated gelatin
and 5 with non-biotinylated gelatin, see Figure 4.2. Before seeding the cells, the membrane was
washed thoroughly with DPBS at 37° C so as to remove any gel layer that might have formed on
the surface of the membrane to leave only a thin film of gelatin that was covalently bound to the
PDMS substrate. The array of cloning rings was kept in place for cell seeding.
4.2.8. Stretch Experiments
Three stretchers were prepared with membranes coated as described above. With the array of
cloning rings still in place, six of the wells that received biotinylated gelatin and five wells that
received non-biotinylated gelatin were seeded with SC cells at 24 000 cells/mm2, forming the
experimental wells and negative controls. The remaining five biotinylated wells did not receive
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any cells and were used as positive controls to reflect maximum FITC-avidin binding during the
experiment. The resulting 16 substrates, with or without cells, are referred to as specimens. The
cloning ring grid was removed six hours after seeding the cells.
After 4-5 days of culture, when the cells appeared confluent, strain was applied to the
each of the three membranes simultaneously. One membrane was not stretched (0%), while the
other two membranes were stretched to 10% and 20% respectively. If the onset of strain was
considered to be at t = 0s, the medium was aspirated at t = 90s, the cells were exposed to FITC-
avidin solution (diluted to 25 µgmL−1 in DPBS) at t = 120s, the FITC-avidin solution was aspirated
at t = 270s, followed by two washes with DPBS at t = 300s and t = 330s and finally fixation at t =
360s. The cells were thus exposed for three minutes to FITC-avidin, between minute 2 and 5 after
onset of strain in order to capture a period of pore formation, similar to that of the experiments
in Chapter 2. To minimise autofluorescence, the cells were fixed using ultrapure formaldehyde
(F017, TAAB, UK) diluted to 4% in DPBS for one hour at room temperature. After the cells were
fixed, strain was released in each of the three stretchers. The sixteen specimens found on each
membrane (six experimental, five negative and five positive controls) were cut out using a biopsy
punch ( 6mm) and placed at the bottom of a well of a 96-well plate with the cell layer facing up.
All solutions used during this procedure were warmed to 37° C with DPBS containing Mg2+ and
Ca2+.
4.2.9. Quantification and Imaging of FITC-avidin Binding
The total FITC-avidin transport across the endothelial monolayer was quantified using a plate
reader for both the stretch experiment and the drug screening (Ex: 485nm/Em: 535nm, bottom
read). For each specimen, the read-outs from the experimental specimens (Exp, those speci-
mens that were seeded on biotinylated gelatin) were normalized by the average read-outs from
the positive (Ctrl+) and negative controls (Ctrl-). This results in a measure of “Relative Permeabil-
ity” (RP) that varies between 0 and 1, as defined in Equation 4.1.
RP =
Exp − Ctrl−
Ctrl+ − Ctrl− (4.1)
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The FITC-avidin binding to the substrate represents not only a quantitative measure of mass
transport but can also potentially reveal locations of I-pores and B-pores. In order to capture the
spatial distribution of FITC-avidin on the substrate, the membrane cut-outs were imaged. The
96-well plate was spun down (500× g, 5 min) to remove any bubbles between the well bottom
and the membrane. Because the negative and positive controls did not contain any qualitative
information, only the six experimental specimens were imaged using an Axiovert 200 (Carl Zeiss,
UK) with a 20× , 0.40 NA, air immersion objective, FITC filter cube (Ex: 470nm/Em: 525nm)
and Volocity software (v6.3, Perkin Elmer, MA, USA). The software was used to generate 15-20
non-overlapping tiles per membrane cut-out. The cumulative area of the tiles was about 3 mm2
and covered about 10% of the entire specimen or well (33 mm2).
4.2.10. Pore Counting
The patterns of FITC-avidin staining on the substrate revealed many leaky junctions, impeding
differentiation between putative B-pores and gaps between the cells. Because putative B-pores
could not be unambiguously identified, only putative I-pores were identified in the images. The
putative I-pores could be observed as fluorescent dots located away from the cell border and
having a smooth and approximately circular perimeter. One observer (STB) identified putative
I-pores in all images.
4.2.11. Image Processing
Until now, pores have been identified by hand, a method that is prone to observer bias and is thus
inherently subjective. Pore counting has not been automated yet because the scanning electron
micrographs of pores contain many different types of visual information such as relief, cell borders
and textures, specimen preparation artifacts and pores. This has hampered the development of
image processing algorithms to identify pores. The advantage of the fluorescent local permeabil-
ity assay is that it is a functional assay and each image only contains one type of information: the
location where FITC-avidin was bound to the substrate. This greatly facilitates the development
of an algorithm to identify pores because fewer assumptions and criteria are required for correct
identification of pores. The algorithm presented here was developed to exclude large gaps and
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B-pores from the image and to leave I-pores to be identified by the observer. The algorithm can
potentially be extended to automatically identify I-pores at a later stage. The individual steps of
the image processing algorithm are illustrated in Figure 4.5. The algorithm was scripted in MAT-
LAB (v2014a, MathWorks, MA, USA). The RGB images were first converted to 8-bit grayscale
by eliminating the hue and saturation information while retaining the luminance information. The
image was subsequently corrected for uneven illumination and the contrast was enhanced. A
threshold was determined using Otsu’s method, which minimizes the interclass variances in the
resulting thresholded, black and white, image [165]. The resulting black and white image was
segmented based on a 4-connected neighborhood, and segments that exceeded a certain cut-
off area were eliminated from the image, as per the aim of the algorithm. The cut-off area was set
at 100 µm2, an area much larger than a typical pore (~1 µm2) to account for enlargement of the
FITC-avidin footprint due to lateral diffusion. This cut-off area effectively excluded all staining that
was a result of gap-formation between cells but left the I-pores intact, facilitating identification of
I-pores.
4.2.12. Statistical Analysis
A double-sided two-sample t-test was used to analyze the effects of different condition in the
optimization of ECM biotinylation. A linear regression was performed for each cell line between
the applied strain and both the RP and the putative I-pore density. To investigate whether the RP
increased with increasing strain, an analysis of covariance (ANCOVA) was performed with the ap-
plied strain as a covariate. In the ANCOVA, a linear regression was performed for each individual
cell line whilst constraining the slopes of the regressions to be the same. The ANCOVA then eval-
uates whether this slope is statistically significnatly different from zero. To investigate whether the
putative I-pore density increased with increasing strain, separate t-tests were performed on the
slope of each linear regression. The ANCOVA was also used to investigate whether the slopes
and intercepts of two cell lines were significantly different. In contrast to the ANCOVA analysis
described above, the slope of the linear regressions is not constrained in this analysis. The sta-
tistical analyses were performed using the statistics toolbox in MATLAB with a significance level
of 5% (p < 0.05).
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Intensity! Change! t-test!
 " Mean"±"SD [au]" [%]" p-value"
1: NHS-Biotin effectively biotinylates 
gelatin! Gelatin"
NHS! 0.57" No" 37°C" No" 25" 449"±"89" 228%" 0.00218!None! -" 137"±"47"
2: NHS-Biotin effectively biotinylates 
collagen! Collagen I"
NHS! 0.57" No" 37°C" No" 25" 313"±"10" 450%" 0.00004!None! -" 57"±"15"
3: Corona treatment of substrate does 
not affect collagen adsorption! Collagen I" Sulfo-NHS" 1.0"
Yes! 37°C" No" 25" 253"±"13" -13%" 0.00874!No! 290"±"14"
4: Collagen adsorption to the substrate 
is more effective at 37°C than at 4°C! Collagen I" Sulfo-NHS" 1.0" No"
37°C! No" 25" 486"±"70" 67%" 0.00951!4°C! 290"±"14"
5: Substrate drying does not affect 
collagen adsorption! Collagen I" Sulfo-NHS"
1.0" No" 37°C" Yes! 25" 291"±"5" 0%" 0.87855"
 "  "  " No!  " 290"±"14"  "  "
6: Substrate biotin is saturated with 
FITC-Avidin! Gelatin" NHS"
0.57" No" 37°C" No" 25! 404"±"42" -4%" 0.12533"
 "  "  "  " 125! 359"±"27"  "  "
7: Substrate biotin is saturated with 
FITC-Avidin! Collagen I" Sulfo-NHS"
0.57" No" 37°C" No" 25! 307"±"15" 13%" 0.41503"
 "  "  "  " 125! 318"±"21"  "  "
8: Sulfo-NHS-Biotin effectively 
biotinylates gelatin! Gelatin"
Sulfo-NHS! 0.57" No" 37°C" No" 25" 404"±"42" 504%" 0.00027!None! -" 67"±"11"
9: A concentration of around 1 mg/mL 
is most effective at biotinyling collagen! Collagen I" Sulfo-NHS"
5.0!
No" 37°C" No" 25"
291"±"30" -12%" 0.06802"
1.0! 330"±"12"  "  "
0.10! 180"±"24" 84%" 0.00024!
Table 4.1.: A summary of the different conditions that were used to optimize the biotinylation of
gelatin and collagen type I. The conclusion of each experiment is listed in the first column. The
conditions that were varied for each optimization experiment are listed vertically and include the
type of ECM protein, the type of crosslinker, the concentration of the crosslinker, the temperature
of substrate coating, the concentration of FITC-avidin and whether the substrated was treated
with corona discharge before substrate coating or dried after coating. The condition that was
altered for each experiment is highlighted in bold red. The resulting fluorescence intensity of the
FITC-avidin read-out (mean ± SD) with the corresponding percentual change is listed for each
condition. A two-sample double-sided t-test was performed to investigate statistical differences
with a significance level of 5% (p < 0.05). NHS = N-hydroxysuccinimide-LC-LC-Biotin and Sulfo-
NHS = sulfonated NHS-LC-LC-Biotin.
4.3. Results
4.3.1. Biotinylation of Gelatin and Collagen
The effect of several parameters on the biotinylation of gelatin and collagen type I were inves-
tigated in a set of nine experiments. The conclusions and conditions of each experiment are
presented in Table 1. Each biotinylation experiment is assigned a number in Table 4.1 that will
be referred to in the Results section below. Both gelatin and collagen type I were successfully bi-
otinylated using the NHS-LC-LC biotin reagent, with a statistically significant increase (p < 0.003)
in fluorescence intensity following FITC-avidin staining of polystyrene when coated with biotiny-
lated gelatin (Exp 1, +228%) or collagen type I (Exp 2, +450%) relative to samples that were
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Figure 4.3.: The relative permeability of SC cells exposed to different levels of equibiaxial strain.
is a measure of endothelial barrier function. The relative permeability, as defined by Equation
4.1 in Methods, is a measure of endothelial barrier function and increases with increasing Green-
Lagrange strain for all three cell lines (p = 3.3 × 10−11, ANCOVA). The slope of each of the
individual regressions was significantly different from zero (p < 0.00055, t-test). The slopes of
the regressions were not significantly different from one another (p = 0.94, ANCOVA). Cell line
SC70 showed the lowest relative permeability, indicating that it had the most effective endothelial
barrier function.
coated with non-biotinylated gelatin or collagen (Table 4.1).
4.3.2. Optimization of Substrate Coating and Biotinylation Process
Consistent adsorption of ECM molecules to the polystyrene substrates was a prerequisite for
the optimization of the biotinylation process because the efficacy of biotinylation was assessed
by FITC-avidin attachment to ECM adsorbed substrates. Corona treatment of the polystyrene
substrate before collagen adsorption slightly decreased adsorption compared to non-treated sur-
faces (Exp 3, -13%, p = 0.0087). Temperature seemed to have a small but significant effect on
116
4.3. Results
collagen adsorption with an increase in fluorescence when the adsorption was performed at 4° C
rather than at 37° C (Exp 4, +67%, p = 0.0095). Air-drying of the collagen-adsorbed substrates
before exposure to FITC-avidin did not affect FITC-avidin staining (Exp 5, 0%, p = 0.88). Ex-
posing the biotinylated gelatin and collagen type I to an increased concentration of FITC-avidin
did not increase the fluorescent read-out in the gelatin (Exp 6, -4%, p = 0.13) nor the collagen
coated substrates (Exp 7, +12%, p = 0.41). This suggests that the concentration of FITC-avidin
is saturated compared to the amount of biotin on the substrate available for binding. The highest
fluorescent read-out was thus achieved by overnight adsorption at 4° C, without corona treatment
or air-drying and using a FITC-avidin concentration of 25 µgmL−1. Once a consistent adsorption
of ECM molecules was established, the biotinylation process itself was optimized. Biotinylation
with Sulfo-NHS-LC-LC-Biotin resulted in similar FITC-avidin staining to that obtained with the
NHS-LC-LC-Biotin cross linker using gelatin (Compare Experiments 1, 2, 7 and 8 in Table 4.1).
The concentration of biotinylation reagent affected the biotinylation yield, increasing significantly
between 0.1 mgmL−1 and 1.0 mgmL−1 (Exp 9, +84%, p = 0.00024) but plateauing between 1.0
mgmL−1 and 10 mgmL−1 (Exp 9, -12%, p = 0.068). Because the NHS-LC-LC-Biotin crosslinked
gelatin is more cost effective and seemed to give similar results to the Sulfo-NHS-LC-LC-Biotin
crosslinked collagen type I, this protein was used for further experiments. Once the gelatin and
collagen could be efficiently and reproducibly biotinylated, the proteins were covalently bound to
PDMS substrates. This resulted in a homogeneous and continuous distribution of biotinylated
gelatin along the substrate (Figure 4.4C).
4.3.3. Relative Permeability Increases with Strain
As a first measure of endothelial permeability the fluorescence of each stretched specimen was
measured using a plate reader and at each stretch level the fluorescence values were normalized
by the positive (biotinylated gelatin, no cells) and negative (non-biotinylated gelatin, cells) to yield
a measure termed the ‘relative permeability’ defined in the Methods. In order to investigate
whether the relative permeability increased with increasing strain, for each cell line a regression
was performed between the applied cellular strain and the resulting relative permeability (Figure
3). A good fit was obtained (0.54 < R2 < 0.68), with each regression showing a positive slope
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Figure 4.4.: Brightfield and fluorescence micrographs of the SC monolayer. A) Cultured human
SC endothelial cells appeared to form a confluent monolayer when observed using brightfield
microscopy. B) The FITC-avidin staining of the substrate for the same cells as shown in panel A.
Note that the cells appear black and the FITC-avidin staining between the cells appears green.
Despite the confluent appearance of the monolayer, it is clear that significant ‘leakage’ occurred
between the cells likely through leaky junctions. C) A PDMS membrane coated with biotinylated
gelatin and exposed to FITC-avidin illustrates that biotin is uniformly distributed over the substrate.
The blurry green streaks are a result of irregularities on the surface of the membrane due to
the production process. D) and E) the red circles denote the locations of putative I-pores in
two representative images from the stretch experiments. Note that the leakage between the
cells has been eliminated using the algorithm described in the methods section. The thin green
lines surrounding the eliminated black regions are caused by the thresholding step in the image
processing algorithm. Top row scale bars are all 100 µm.
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significantly different from zero (p < 0.00055, two-sided t-test). The slopes of the regressions
were not significantly different between cell lines (p = 0.94, ANCOVA) and when the data from all
three cell lines were pooled, a highly significant increase in relative permeability was observed
with increasing strain (p = 3.3× 10−11, ANCOVA, constrained slopes), see Figure 3. The relative
permeability increased significantly between 0% and 10% strain (p = 0.0022, ANCOVA) and
increased further between 10% and 20% (p = 8.8 × 10−6). The lowest relative permeability was
observed in cell line SC70, followed by SC67 and SC65.
4.3.4. Putative Pores Observed with Fluorescent Assay
The plate reader only returns a single read-out of the overall fluorescence of the specimen but
does not provide images of the monolayer. The specimens from the stretch experiments were
therefore also imaged using brightfield and epifluorescence microscopy. SC cells appeared to
attach and spread well on the stretchable PDMS substrates after coating with biotinylated gelatin
(see confluent monolayer in Figure 4.4A). Figure 4.4B shows the same cell layer from Figure 4.4A
after exposure to FITC-avidin, with dark areas coinciding with the cell bodies in Figure 4.4A and
the large fluorescent areas indicating that there was significant leakage at the intercellular junc-
tions. This observation is consistent with the values of the relative permeability (Figure 4.3) that
were all significantly higher than zero, implying that the relative fluorescence observed with the
plate reader was not representative of the number of pores occurring in cultured SC endothelial
cells. Moreover, it was not possible to unequivocally observe structures that were identifiable as
B pores because of the strong FITC-avidin staining at cell junctions. Until cultured SC endothelial
cells can be made to develop more mature (tighter) intercellular junctions, the fluorescent assay
is unsuitable to identify B-pores.
On the other hand, structures that resembled I-pores could be observed as approximately
circular regions of fluorescence that appeared away from the cell’s border (Figure 4.4D and E).
Presumably, because the presence of the cell will otherwise block the passage of avidin, the
presence of avidin labeling that is completely separate from the cell borders must have occurred
by tracer passing through a putative transcellular pore. The labeling pattern of putative I-pores
could not be explained by inhomogeneous coating of the membrane because coated substrates
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Figure 4.5.: Illustration of consecutive steps of the image processing algorithm. The input image
was an 8-bit grayscale image, visualized using a green look-up table. A) The illumination of
the original image was corrected, contrast and brightness were optimized and a green look-
up table was used. B) Otsu‘s threshold algorithm was then applied to the image, effectively
resulting in a black and green image. C) The thresholded image was then segmented, and each
segment was assigned a different color for the purpose of visualization. D) Any segments with a
surface area exceeding 100 µm2, which is deemed too large to represent a pore, were eliminated
from the original image, whereas the remaining segments were left untouched. In panel D, the
segments that will be eliminated are indicated in red and the segments that are maintained are
indicated in green. E) The original image from panel A with segments that exceed 100 µm2 in
area eliminated or “blacked-out”. The red circles indicate putative I-pores that are located far
away from any cell margins, are circular and have an area of less than 100 µm2. The white
rectangles small openings between cells that could either be B-pores or “leak” junctions. As a
result, the fluorescent permeability is not suitable to unambiguously identify B-pores. Scale bar:
50 µm.
without cells showed a uniform fluorescent pattern (Figure 4.3C). The fluorescent assay therefore
seemed a promising method to quantify these putative I-pores.
4.3.5. Image Processing
The image-processing algorithm effectively eliminated all leaky junctions from the epifluores-
cence images whilst leaving putative pores unaffected (Figure 4.5). The faint green line that can
be observed along the eliminated areas is caused by the thresholding of the image. At the border
of a cell, the intensity of the FITC-avidin staining decays over a certain length scale but only the
pixels with a value higher than the threshold are eliminated, leaving some pixels, which form the
faint green line. The image processing algorithm effectively identified putative I-pores as localized
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regions of fluorescence approximately 1 – 5 µm in diameter separate from the broad regions of
fluorescent labeling at the cell borders (Figure 4.5). Occasionally, the algorithm identified regions
of fluorescence that appeared to be part of the cell border (boxed regions in Fig 4.5), and these
were not included in the subsequent manual counting of pores. The algorithm performed reliably
on different input images from different cell lines at different magnifications, as can be seen by
comparing Figure 4.4D and E, and Figure 4.5.
4.3.6. Putative I-pore Density Increases with Strain
Putative I-pores were observed in all cell lines and at all stretch levels examined (red circles
in Figure 4.4D and E). The putative I-pore density (number of pores per unit cell area) was
quantified using the semi-automated image processing algorithm plus manual counting. Pore
counts were performed on two cell lines: one normal (SC67) and one glaucomatous (SC57g).
The baseline putative I-pore density of SC67 was 42 pores/mm2 and increased significantly with
strain (p = 8.1× 10−6, double sided t-test on the slope of the linear regression). The fluorescent
permeability assay returned similar I-pore densities to those quantified using SEM in Chapter 2
(Figure 4.6). A double-sided t-test between the I-pore density of the three cell lines from Chapter
2 and the putative I-pore density of SC67 showed no significant difference at 10% and 20% strain
(p > 0.51 and p > 0.13) although the putative I-pore density was significantly larger at 0% strain
(p = 0.02). The putative I-pore densities, as measured with the fluorescent permeability assay,
show a similar response to strain to those observed in Chapter 2.
4.3.7. Strain-Induced Pore Formation is Reduced in Glaucomatous Cells
Putative I-pores were also observed in the glaucomatous cell line with the fluorescent assay. The
density of these putative I-pores increased with strain (p = 0.026, Figure 4.7) but this increase
was less than that seen in the normal cell line, as evidenced by significant difference between the
slopes of the linear regressions of the normal and glaucomatous cell lines (p = 0.0025, ANCOVA).
The pore density at 0% strain was very similar between the normal and glaucomatous cell lines
and the linear regressions had very similar intercepts (p = 0.97).
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Figure 4.6.: The I-pore density in cultured human SC cells as a function of strain as observed
using SEM imaging (Chapter 2) was similar to that observed using the fluorescent permeability
assay. The data from Chapter 2 is replotted in color with dashed lines connecting the average
pore density for each cell line between the different levels of strain. The putative I-pore density as
obtained from the fluorescent permeability assay is indicated in black. I-pore densities were not
significantly different between quantification with SEM or by the fluorescent permeability assay at
10% and 20% strain (p > 0.55 and p > 0.13); however, they differed at 0% strain (p = 0.02).
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4.4. Discussion
The pores in SC endothelium represent the most likely pathway for AH outflow across the in-
ner wall of SC. Pore density is reduced in glaucoma and understanding the mechanism of pore
formation is therefore important. Prior studies employed SEM to image and quantify pores, but
this requires imaging of large regions of cells, which is expensive and time consuming. In order
to facilitate the study of pore formation, a more efficient method to image and quantify pores
is needed. This study is a proof-of-principle that a recently introduced fluorescent permeability
assay [17] is a viable approach to more efficiently quantify pore density in cultured Schlemm’s
canal endothelial cells. Using this assay, structures that resembled I-pores were observed, but
poorly developed (and hence leaky) intercellular junctions prevented the unambiguous identifica-
tion of B-pores. The putative I-pore density observed using the fluorescent permeability assay
was within the values of I-pore density observed in a prior SEM study on stretch induced pore
formation and the assay also found an increase in putative I-pore density with strain. The sin-
gle glaucomatous cell line examined exhibited reduced pore-forming ability in response to strain
compared to a normal cell line but the pore density at 0% strain was not significantly different
between the normal and glaucomatous cell line.
4.4.1. Benchmarking the Permeability Assay
The assay was employed to attempt to reproduce the results from the a prior study where pore
formation in cultured SC cells exposed to cellular strain was quantified (Chapter 2). The fluo-
rescent permeability assay was thereby benchmarked against the conventional method of pore
quantification using SEM.
In the prior study, pore density increased significantly between 0% and 10% equibiaxial
strain but no significant change was observed between 10% and 20% strain. On the other hand,
the putative I-pore density, as was observed with the fluorescent permeability assay, continued to
increase between 10% and 20% strain. Furthermore, the numerical values of the pore density es-
timated using the fluorescent assay tended to be higher than those obtained by SEM. There could
be several possible explanations for these differences. Firstly, only one cell line was examined
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Figure 4.7.: Putative I-pore density in cultured human SC cells increased with increasing Green-
Lagrange strain in both the non-glaucomatous (SC67, p = 0.00008, t-test) and the glaucomatous
cell line (SC57g, p = 0.026). The slopes of the linear regressions were significantly different (p =
0.0026, ANCOVA), whereas the intercepts were almost identical (p = 0.97).
using the fluorescent assay, and it is possible that the predicted pore density and the relationship
with strain may change when additional cell lines are included in the fluorescence pore analysis.
Secondly, the fluorescent assay may have a high false-positive rate or may be more sensitive
to pore detection relative to SEM. Thirdly, the fluorescent assay covers nearly 30-fold larger cell
area, and because pores are relatively sparse structures, the smaller area examined by SEM
may have underestimated the true pore density. Regardless, additional validation studies using
correlative light and scanning electron microscopy are necessary to definitively establish whether
the putative I-pores, as judged by the fluorescent permeability assay, co-localize with true I-pores
observed by SEM.
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4.4.2. Glaucomatous Cells are Less Responsive to Strain
At 0% strain the normal and glaucomatous cell lines had nearly identical pore densities, which
suggests that cultured SC endothelial cells express a baseline pore density that is not affected
by the disease. However, with increasing strain, the glaucomatous cell line (SC57g) exhibited a
lower increase in putative I-pore density relative to the normal cell line (SC67), suggesting that
glaucomatous cells have reduced pore forming ability in response to stretch. A recent study has
shown that both I-pore and B-pore formation are impaired in glaucomatous SC cells [32]. In
addition, pore density in normal and glaucomatous SC cells was found to decrease with increas-
ing subcortical stiffness. In that study, the SC cells were exposed to a controlled basal-to-apical
pressure drop, as opposed to the controlled cellular strain that is applied in the current study.
In a strain-controlled experiment, the cell stiffness does not affect the cellular deformation and
we had therefore not expected to see a reduce pore forming ability in glaucomatous SC cells.
This suggests that, in addition to increased subcortical stiffness, other cellular aspects of pore
formation are disturbed in glaucomatous SC cells. In light of the finding in Chapter 3 that B-pores
dominantly contribute to outflow when compared to I-pores, it remains to be investigated whether
reduced I-pore forming ability of glaucomatous SC cells affects outflow resistance. Because the
fluorescent assay is unable to detect B-pores on the background of the leaky intercellular junc-
tions, no fluorescent assay data is available regarding B-pore formation between normal and
glaucomatous SC cells.
4.4.3. Advantages of the Fluorescent Permeability Assay
The fluorescent permeability assay has several advantages over currently used techniques (SEM
studies) that can greatly benefit the study of pore formation. The new method is compatible
with immunofluorescence techniques that allow for colocalization studies of selected proteins
with pores (see Chapter 5). The technique is versatile and can be adapted to many in vitro
experiments by coating the substrate with biotinylated extracellular matrix proteins. The stretch
experiments are one example of this versatility but the assay could for example also be used
for drug screenings to investigate the effect of drugs on pore formation with or without applying
cellular strain.
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Perhaps the most important advantage of this technique is the increased efficiency it offers
for the sampling of pore density. With the fluorescent permeability assay a cell area can be
examined that is 30- to 50-fold greater than that of previous studies using SEM: 2-3 mm2 for
the fluorescence assay versus 0.065 mm2 for the SEM. Furthermore, image acquisition for the
fluorescence assay was completed approximately 25-fold faster than for SEM. Therefore, the cell
area that can be imaged per unit time is increased nearly 1000-fold with respect to previous
SEM-based techniques.
The larger cell area that is being sampled with the fluorescent permeability assay results
in a higher pore count per specimen and, consequently, an improved sampling of pore density,
which in turn has consequences for the statistical power of tests about pore count data. In the
previous study of strain-induced pore formation in Chapter 2, pore formation was introduced as
a Poisson process because pores are discrete occurrences over a certain area. Especially be-
cause the number of pores that was observed was relatively low (3 - 4 I-pores over an analyzed
area of 0.065 mm2 at 10% strain) due to the limited area that could be imaged using high magni-
fication SEM, it was particularly important to compare changes in pore formation using Poisson
statistics. However, as the number of observations increases [166], the Poisson distribution can
be approximated by a normal distribution. With the permeability assay, the number of putative
I-pores that are observed in a single specimen is on the order of 180 over an analyzed area of 2-3
mm2 at 10% strain. As a result, the data can be considered to be normally distributed, making
the statistical analyses more straight-forward.
Lastly, the fluorescent permeability assay has potential for the development of automated
pore-identification algorithms. SEM images of cells convey many types of information, such as
the texture of the cell’s surface, the undulations of the cell layer, the underlying substrate, the
location of cell borders, nuclei, giant vacuoles and pores. To develop an algorithm that reliably
differentiates between all these features and can identify pores is very challenging. The fluores-
cent permeability assay however, has the advantage that it is a functional assay. The resulting
images therefore only convey one type of information, which is the amount of FITC that has been
able to cross the cell layer. This brings the development of computer algorithms to identify pores
closer.
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4.4.4. Limitations of the Fluorescent Permeability Assay
The assay can only indirectly visualize pores because it detects where FITC-avidin has crossed
the cell layer. This means that the observation of pores is implied from the fluorescent image and
the putative I-pores that were observed using the assay have not yet been verified to be actual
I-pores. Direct evidence is required to unambiguously confirm that the structures observed with
the permeability assay are indeed I-pores. Such evidence could for example be obtained using
correlative light and electron microscopy.
Secondly, B-pores cannot be unambiguously identified using the assay. The underdevel-
oped and leaky intercellular junctions that were observed between cultured SC endothelial cells
likely caused large patches of fluorescent labeling that hampered identification of discrete B-
pores. For similar reasons, the ‘relative permeability’ calculated based on the total fluorescence
is likely dominated by the leaky junctions and cannot be directly used to estimate the true pore
density. To overcome this limitation, it may be possible to use advanced cell culture techniques
to induce development of tighter, more mature intercellular junctions within cultured SC cells so
as to reduce the background fluorescence at the cell borders. For example, a recent study has
shown that SC cells cultured in adult bovine serum rather than fetal bovine serum [129] produce
more mature junctions based on higher TEER values, while a second study has reported that
culturing cells on a microfabricated scaffold that mimics the porosity of the inner wall basement
membrane leads to upregulation of intercellular junction proteins [167]. Until SC cells develop
mature junctions in culture, the fluorescent permeability assay is limited to the study of I-pores.
Finally, pore formation cannot be directly visualized with the assay, limiting its use in live
imaging studies of pore formation. This limitation could be partially overcome by sequentially
exposing the cells to different colors of fluorescent avidin, allowing information on how pores may
change over time. This assumes, however, that biotin remains available on the substrate and
does not saturate.
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The Functional Anatomy of the Inner Wall
Endothelium of Schlemm’s Canal
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5. The Functional Anatomy of SC Inner Wall Endothelium
5.1. Introduction
Schlemm’s canal (SC) endothelium experiences significant biomechanical stresses and strains
during the formation of giant vacuoles (GVs). These cellular outpouchings into SC lumen are
a result of the basal-to-apical pressure drop across SC inner wall and vacuole size and den-
sity increases with increasing pressure [43]. Yet, somehow SC endothelium maintains its cellu-
lar integrity whilst allowing aqueous humor (AH) to cross the endothelium through micron-sized
transendothelial pores. These pores are remarkably uniform in size, regardless of changes in
pressure drop [168] and cellular strain (Chapter 2). Presumably, some cellular structure must be
in place to support the endothelium in order to withstand the cellular strains associated with GVs
and to prevent pores from enlarging beyond their seemingly well defined diameter. We hypoth-
esize that SC cells must contain a network of cytoskeletal filaments that provide biomechanical
integrity to inner wall cells, support giant vacuoles and pores, and maintain junctional connectivity
to other cells and to the basement membrane. In this study, the ultrastructure and cytoskeletal
architecture of the inner wall are characterized using two high-resolution imaging techniques to
investigate the structures that support SC endothelium.
5.1.1. The Cytoskeleton of SC Endothelium
Several studies have investigated the ultrastructure of the trabecular meshwork (TM), juxta-
canalicular tissue (JCT) and SC endothelium using electron microscopy. Although most of these
studies have focused on the extracellular matrix (ECM) [31, 36, 86], some studies have investi-
gated the morphology and localization of different cytoskeletal components. Inomata, Smelser
and Bill observed actin filaments in the cellular processes that extend from SC cells down to the
cells that populate the JCT [108]. Several studies found actin filaments predominantly around the
intercellular junctions and close to the tethering points with the basal lamina [169, 170], presum-
ably as part of the actin cortex. A similar distribution was observed for intermediate filaments and
microtubules [171]. The cytoskeleton in the highly attenuated regions of SC cells making up the
walls of GVs, as observed by transmission electron microscopy (TEM), consisted mainly of inter-
mediate filaments whilst actin filaments were virtually absent [170]. A high concentration of actin
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 "  " Vimentin! Actin! Tubulin! Source!
Single 
fiber"
Persistence 
Length†" 1-1.3µm" 3-17µm" >1mm" Mücke et al., 2003"
Young's 
Modulus" 400 Mpa" 1.8GPa" 1.2 GPa"
Guzman et al.,2006; Kojima et al., 1994; 
Gittes et al., 1993"
Strain to 
failure" 300%" Low*" Minimal" Qin et al., 2009; Wagner et al., 2007"
in vitro! FRAP t½" 6 min" 4.8min" 5-10s" Yoon et al., 1998; McGrath et al., 1998; Cassimeris et al., 2013"
in vitro 
gels"
Strain to 
failure" >80%" 20%" 50%" Yanmey et al., 1991"
Table 5.1.: A summary of mechanical properties of cytoskeletal components vimentin, actin and
tubulin. Quantitative single fiber data on the strain to failure of actin and tubulin was not found in
literature. (∗) Stress fibers can elongate up to 200%, (†) If θ is defined as the angle between two
tangents to a fiber at position ` = 0 and ` = L, the persistence length P is the length over which
correlations in the angle are lost such that 〈cos θ〉 = e−L/P .
along intercellular junctions was also observed by fluorescent microscopy appearing as long,
continuous bands along cell margins [172]. The same study also observed cross-linked actin
networks (CLANs) and putative pores, although no clear accumulation of actin was observed to
surround these putative pores [172]. Although these studies provide a good impression of the
location of different cytoskeletal components in SC cells, the cytoskeletal arrangement surround-
ing giant vacuoles, pores and cell junctions and the details of how the cytoskeleton may provide
mechanical support to these structures remains to be determined.
Several experimental drugs that act on the cytoskeleton, such as latrunculins, Y-27632,
H-7 and H-1152, tended to increase GV density and promote pore density, although this has
only been explicitly examined for latrunculin [94, 104, 173–176]. In addition, most cytoskeletal
disrupting drugs also decrease outflow resistance, implying that the cytoskeleton within SC cells
(or within other cell types in the outflow pathway) plays a role also in the generation of outflow
resistance [105].
5.1.2. PLVAP and Vimentin
Plasmalemmal vesicle associated protein (PLVAP or PV-1) forms a non-membranous diaphragm
that is seen to span the stomatal and transendothelial openings of caveolae and fenestrae re-
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spectively [113]. Blockage of PLVAP with the PAL-E antibody inhibits transcellular leukocyte mi-
gration, a process that involves transendothelial pore formation [177]. In PLVAP-/- knock-out mice
these diaphragms were absent from caveolae and fenestrae in the vascular beds of the exocrine
and endocrine pancreas and of the kidney peritubular interstitium. In addition, the number of
endothelial fenestrations was substantially reduced compared to wild-type mice [114]. Similarly,
the SC endothelium of PLVAP-/- mice lacked caveolar diaphragms, and no fenestrae or I-pores
pores were observed [110]. This suggests that PLVAP plays a role in fenestrae formation and
perhaps also in I-pore formation.
Vimentin is an intermediate filament that is characteristically expressed by cells of mes-
enchymal origin, such as endothelial cells [178]. PLVAP was shown to co-immunoprecipitate with
vimentin [177], supposedly to stabilize PLVAP. Hamanaka et al. first showed that the intermediate
filament vimentin is present in the inner wall [179]. Vimentin is less stiff than both filamentous-
actin and tubulin [180–182] and individual vimentin filaments can undergo strains in excess of
300% [183] without breaking (Table 5.1). The relatively low stiffness and its resilient behavior
are both relevant properties to support SC endothelium. The turnover of vimentin monomers is
similar to that of actin, suggesting that both cytoskeletal components remodel at a similar rate
[184, 185]. Note that this rate is similar to the turnover time of GVs in vitro [44]. The interme-
diate filaments that were observed in the walls of GVs [170], suggest that these filaments might
contribute to the biomechanical integrity of SC endothelium. How PLVAP and the cytoskeletal
architecture of vimentin colocalize with the distinctive morphological features of SC endothelium
– pores and GVs – requires further investigation.
5.1.3. High-Resolution Imaging Techniques
This study aims to further characterize the ultrastructure of the inner wall and the localization
of PLVAP and vimentin with respect to inner wall GVs and pores. In order to achieve this aim,
focused ion beam scanning electron microscopy (FIB-SEM) and correlative light and scanning
electron microscopy (CLEM) were employed to visualize the inner wall endothelium of human
donor tissue. FIB-SEM employs an ion beam to mill away tissue embedded within a block slice by
slice. The resulting ‘polished’ block face is imaged between slices using back-scattered scanning
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  e-!
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Ga+!
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Embedded tissue!
Imaged face! Slices!
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Figure 5.1.: Schematic representation of the arrangement of the electron beam (e- beam) and
gallium beam (Ga+ beam) with respect to the block-face, subsequent slices, trench and back-
scattered electron detector.
Eye! Sex! Age! COD! Enucleation! Perfusion! Facility! Comments!
 !  !  !  ! Post Mortem Time [h]! µL/min/mmHg!  !
 11-09! Male! 25! Bacterial Disease, Sepsis! 5! 22.5! 0.61! Received, supposedly inactive, RGE peptide!
 11-12! Male! 73! Gastrointestinal Disease! 10! –! –! Not perfused, cryopreserved 14.5h PM!
 11-19! Female! 56! Breast Cancer! 8! 27! 0.72!   –!
Table 5.2.: Donor information for the tissue wedges used in FIB-SEM and CLEM imaging. COD
= cause of death; PM = post mortem.
electron microscopy [186], allowing for a three-dimensional (3-D) reconstruction of the tissue. In
imaging the inner wall using FIB-SEM, particular attention was paid to the membrane structures
and the 3-D morphology of the inner wall. CLEM correlates the molecular organization obtained
with immunofluorescence microscopy with the detailed morphology obtained with electron mi-
croscopy. Confocal and SEM images of the inner wall were spatially correlated to investigate the
arrangement of vimentin, PLVAP and CD31 surrounding pores and GVs.
5.2. Methods
5.2.1. Tissue Preparation
Three human eyes were enucleated from non-glaucomatous donors soon after death. The acqui-
sition of human tissue fully complied with the Declarations of Helsinki. Donor age, post mortem
time and baseline facility are summarized in Table 5.2. After cannulation, a baseline outflow fa-
cility was acquired in 2 of 3 eyes by perfusion with DBG (Dulbecco’s phosphate buffered saline
(DPBS) containing Mg2+ and Ca2+ supplemented with 5.5mM D-glucose (D5652 and G8270,
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Sigma Aldrich, TX, USA)). Eyes 11-09 and 11-19 were perfusion fixed at 8mmHg with 3% PFA
(15710, EMS Diasum, PA, USA) in DBG. Eye 11-12 was cryopreserved without perfusion. After
fixation, each eye was hemisected and the anterior segment was divided into radial wedges along
the circumference of SC. A wedge was then dissected to reveal the inner wall of Schlemm’s canal
following an established technique [148]. The wedges (Figure 5.2) were permeabilized with 0.2%
Triton X-100 (X100, Sigma Aldrich, TX, USA) for five minutes and subsequently blocked with
10% goat serum in DPBS for thirty minutes at room temperature (RT). The wedges were then
incubated with mouse anti-human CD31 IgG (dilution 1:30, JC70A, Cedarlane Labs, Burlington,
Canada) for 2 h at RT followed by three 5-min washes in DPBS. For the FIB-SEM experiment,
the tissue was incubated overnight at 4°C using a dual probe goat anti-mouse IgG antibody con-
jugated to both a 10 nm gold particle and Alexa-488 (undiluted, A-31561, Life Technologies, TX,
USA). The use of a dual probe secondary antibody allowed for the unambiguous identification of
the endothelium using both fluorescence microscopy and FIB-SEM. In addition to the CD31 stain-
ing, tissue for the CLEM experiment was also incubated overnight at 4° C with rat anti-mouse
PLVAP IgG (1:30, MECA32, DSHB, University of Iowa, IA, USA) and rabbit anti-human vimentin
(1:200, ab92547 Abcam, Cambridge, MA, USA). The CLEM tissue was incubated overnight at
4° C using regular secondary antibodies: goat anti-mouse Alexa-647 for the CD31 antibody, goat
anti-rat Alexa 555 for the PLVAP and goat anti-rabbit Alexa-488 for the vimentin (1:200, Life Tech-
nologies, TX, USA). Finally, all wedges were counterstained with DAPI (D1306, Life Technologies,
TX, USA) and mounted for en face imaging using fluorescent mounting medium (S3023, DAKO,
Denmark).
5.2.2. Sample Preparation for FIB-SEM
A wedge from eye 11-09 was prepared for FIB-SEM imaging. In order to verify the CD31 stain-
ing as well as determine the precise location of the endothelium, the fluorescently-labeled CD31
expression was examined using a Zeiss LSM 510 confocal microscope with a 10x objective (Carl
Zeiss Microscopy, Germany). Once the presence of CD31 was verified, the tissue was embedded
in resin for FIB-SEM imaging. The tissue was washed to remove the mounting medium required
for confocal imaging and was post-fixed in 3% (v/v) glutaraldehyde (G017, TAAB, UK). The tis-
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sue was then stained to label cell membranes, extracellular matrix and intracellular organelles,
following a three-step process. First, the wedge was incubated with a 1.5% (w/v) potassium ferri-
cyanide (702587, Sigma Aldrich, UK) and 1% (w/v) osmium tetroxide (O001, TAAB, UK) solution
for one hour at room temperature. This was followed by a second incubation with 1% osmium
tetroxide (w/v) in cacodylate buffer for 30 min at RT. Finally, there was a third incubation with
1% (w/v) uranyl acetate (R1260A, Agar Scientific, UK) in distilled water (ddH2O) for 30 min at
RT. All post-fixation and staining steps, except the last, were performed in a 0.1 M sodium ca-
codylate buffer at pH 7.4 (S009, TAAB, UK). The uranyl acetate solution was washed with two
ten-minute changes in ddH2O followed by ethanol dehydration with two changes at 70% ethanol
in ddH2O, two changes at 90% ethanol in ddH2O and three changes at 100% ethanol (E7023,
Sigma Aldrich, UK). EPON 812 resin (45359, Sigma Aldrich, UK) was prepared following the
manufacturer’s directions, and the resin was allowed to infiltrate mixed with ethanol, 1:3 for 2
hours, 1:1 for 2 hours, and 3:1 overnight, followed by two overnight changes with pure resin.
After embedding, the excess resin on the surface of SC inner wall was washed away by
exposing SC endothelium to a jet of 100% ethanol from a syringe with a 25-gauge needle for
about 2 minutes. This was necessary to expose the surface of the inner wall endothelium so as
to identify pores and giant vacuoles by SEM prior to serial sectioning through selected pores or
giant vacuoles by FIB-SEM. A drop of resin was put down on an aluminum SEM stub and the
wedge was placed on top of the drop with the inner wall facing upwards. The specimen was
then left in the oven at 60° C overnight to cure the resin. Prior to SEM imaging, silver paint
was applied around the region of interest and the specimen was carbon coated (Model K975X,
Quorum Technologies, UK) and chromium coated (Model K575X, Quorum Technologies, UK) to
create a conductive surface.
5.2.3. FIB-SEM Imaging
The specimen was first investigated using regular secondary electron SEM (JEOL JSM6400) to
locate suitable regions of interest (ROIs) along the inner wall for FIB-SEM serial sectioning and
eventual 3-D reconstruction. Serial section locations were selectively placed immediately next
to GVs or pores. 3-D FIB-SEM image was performed on a Zeiss Auriga Crossbeam (Carl Zeiss
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Figure 5.2.: The tissue of eye 11-09 used for FIB-SEM imaging. A) The wedge was a radial
section of the anterior segment and included the ciliary body (CB) and inner wall (IW). B) The
inner wall stained positively for the endothelial marker CD31. The dark regions in the CD31
staining are likely due to bifurcations in SC endothelium due to septa between the inner and
outer wall and/or dissection artifacts.
Microscopy, Germany) with backscattered electron detector. FIB-SEM uses a gallium ion beam
to mill away slices of materials, whilst an electron beam is used to image the resulting block face
between slices, see Figure 5.1. Trenches in the resin were milled alongside and in front of the
region of interest and the face of the resulting block was polished at 120 pA ion beam current.
FIB-SEM serial sectioning is time-consuming and a single session can take 48 hours or more.
Two ROIs were imaged. For the first ROI, the ion beam was set up to mill 178 consecutive
slices of 40 nm thickness using a 120 pA gallium current. The resulting volume that was imaged
measured 10.1 × 7.6 × 7.1 µm. For the second ROI, 408 consecutive slices of 100 nm thickness
were milled using a 240 pA gallium current, resulting in a volume of 30 × 22.5 × 40.8 µm. A 5 kV
accelerating voltage for the electron beam was used to reduce signal from deeper into the block
face. The block face was imaged using the backscattered electron detector.
5.2.4. Confocal and SEM imaging for CLEM
One wedge from eye 11-12 and one wedge from eye 11-19 were used for CLEM imaging. The
wedges were imaged using confocal microscopy to visualize the CD31, vimentin, PLVAP and
DAPI staining. Each wedge was imaged using a Zeiss LSM 510 meta confocal microscope with
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a 25x/0.8NA objective. Higher magnification confocal images were acquired with a 63x/1.4NA
objective for the high resolution colocalization surrounding pores. After confocal imaging, the
wedges were post fixed with 2.5% (v/v) glutaraldehyde and 2% (w/v) paraformaldehyde (16220
and 15710, EMS Diasum, PA, USA) in DPBS for one hour. After two washes in DPBS, the tissue
was then incubated with 1% (w/v) tannic acid and 1% (w/v) guanadine hydrochloride (16021 and
50933 Sigma Aldrich, TX, USA) for two hours, followed by two more washes with DPBS and
incubation with 1% osmium tetroxide (19152, EMS Diasum, PA, USA) for one hour. The wedges
were then washed in ddH2O and dehydrated in a graded ethanol series (25%, 50%, 75%, 90%,
and 3 × 100%) and dried in a HMDS (15058 and 16700, EMS Diasum, PA, USA). Finally, the
tissue was sputter coated with gold palladium to be imaged using SEM. SEM images for CLEM
studies were acquired using a Hitachi S-3400N VP (Hitatchi, Canada).
5.2.5. 3-D Reconstructions and Image Registration
The imaged volume was reconstructed from the FIB-SEM serial sections using Amira software
(FEI, MA, USA) and an intensity threshold. The Volume Viewer in FIJI (NIH, MD, USA) was used
to reconstruct the high-resolution confocal stacks of the wedges used in the CLEM experiment.
The confocal and SEM images from the CLEM study were spatially correlated as described pre-
viously (Chapter 3). In brief, common landmarks in the vimentin and SEM images were identified
and used to calculate a transformation using a dedicated MATLAB script (v2014a, MathWorks,
MA, USA). The transformation was then used to map the confocal images onto the SEM image.
5.3. Results
5.3.1. Sample Preparation for FIB-SEM
The tissue wedge from eye 11-09 was successfully dissected (Figure 5.2A) and the dual-probe
secondary antibody effectively labeled CD31 along the inner wall as observed with confocal mi-
croscopy prior to resin embedding (Figure 5.2B). The typical appearance of the inner wall with
protruding GVs and nuclei was clearly visible by SEM (Figure 5.4A). The ethanol washing of the
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A: CD31!
C: PLVAP! D: Overlay!
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Figure 5.3.: PLVAP staining of SC endothelium (SC) and the ciliary body (CB). A) CD31 staining,
B) nuclear staining (DAPI), C) PLVAP staining and D) overlay image. The PLVAP and CD31
staining coincide on SC endothelium but only PLVAP staining is present in the CB. Note that this
is tissue from eye 008-06, originating from a different donor to the eyes that were used for CLEM
(11-12 and 11-19).
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Figure 5.4.: A) An en face view of the epoxy embedded inner wall. The excess epoxy resin was
successfully washed away with ethanol, revealing the typical surface appearance of the inner wall
of SC with budging nuclei and/or giant vacuoles (arrows). The dashed white line indicates the
approximate location of the FIB-SEM section shown in panel B. Scale bar: 20 µm. B) The identity
of the SC cell is confirmed by CD31 staining with the dual-probe secondary antibody containing
10 nm gold (arrowheads) that decorate the SC cell surface, but not the surface of the underlying
JCT cells. The SC cell contains numerous vesicles and filamentous structures, a nucleus that
bulges into SC lumen, and electron dense cell-cell junctions (asterisk). Some moderately electron
dense extracellular matrix material can be observed between the JCT and SC cells. Scale bar: 1
µm.
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embedded sample thus exposed the inner wall whilst leaving the endothelium in place and well
infiltrated. Osmium tetroxide and uranyl acetate staining provided good contrast to label intra-
cellular structures along the inner wall following FIB-SEM sectioning as seen by back-scattered
electron SEM (Figure 5.4B). Within the embedded tissue, the endothelium could easily be identi-
fied through the immunogold staining (arrowheads in Figure 5.4), confirming that the dual-probe
secondary antibody worked with both fluorescence and electron microscopy. The cells were cov-
ered by a thin layer of remnant resin, which appeared as a black band. Because the block face is
imaged using SEM, the top surface of the block appears white.
5.3.2. Morphological Findings using FIB-SEM
For the first ROI, two bulging structures along the dashed line in Figure 5.4A, suspected to be
GVs, were chosen for serial section FIB-SEM at 20,000× magnification with a 40 nm slice thick-
ness. The two bulges in the serial-sectioned volume appeared to be two nuclear bulges, indicated
as N1 and N2 in Figures 5.4 and 5.5. The nuclei were highly contorted, as often observed for
SC cells under large mechanical strain [187]. Borders between SC cells often contained plaque-
like deposits consistent with mature intercellular junctions (asterisk in Figure 5.5B), and cellular
processes were observed extending from SC to underlying JCT cells (red box in Figure 5.5D),
as previously reported by Grierson and Lee [51]. Caveolae were occasionally observed in the
JCT and SC cells (black arrow in Figure 5.5D). Small dilations are seen between the two cells
(daggers in Figures 5.5A and C) that could potentially be the tortuous slit-pores described by
Epstein and Rohen [55]. Upon closer inspection, these dilations did not connect the basal and
apical side of the endothelium within the volume that was imaged.
The second ROI was a different area on the same wedge and was imaged at 10,000× with a
100 nm slice thickness. Again, CD31-immunogold staining was observed, identifying the surface
of the inner wall as SC endothelium. A volume reconstruction revealed the fibers of the cribriform
plexus and connecting fibrils (arrowheads in Figure 5.6A) consistent with the description of Rohen
and Lütjen-Drecoll [31]. Unfortunately, the rendering also showed the presence of bacteria in the
inner wall (white arrows in Figure 5.6A), either due to sepsis or due to a contamination in the
perfusate. The imaged area was relatively flat except for a large bulge that appeared to be a
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Figure 5.5.: Orthogonal sections (coronal, sagittal and transverse planes) through the FIB-SEM
reconstruction. The green and red dotted lines represent the location of the corresponding or-
thogonal sections. A) Coronal plane showing two bordering cells with nuclei N1 and N2 exhibiting
different types of vesicles. The cell with nucleus N1 exhibits large vesicles (300-500nm) that ap-
pear to have either an electron-dense interior (white asterisks) or an electron-lucent interior (black
asterisks). The cell with nucleus N2 exhibits many small vesicles (arrowheads) that are possibly
lysosomes or part of the Golgi apparatus. B) Orthogonal projection (sagittal plane), showing the
interface between the two cells. C) Orthogonal projection (transverse plane), showing the vesi-
cles (arrowheads), the interface between the two cells and the complex shape of nucleus N2. D).
A section along the x/y-plane, deeper into the stack than panel A. A cellular process extended
from an SC cell to an underlying JCT cell showed a very electron dense attachment (red box).
Nucleus N2 showed nuclear pores (red circle). A caveola was observed in the basal side of the
endothelium (black arrow). Scale bar: 10 µm.
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*!
Figure 5.6.: Images from a second FIB-SEM stack that was acquired at 10,000x magnification.
A) Volume rendering showing that the inner wall is infested with bacteria (arrows). Note that the
one of the bacteria is dividing (white arrow in middle of panel). The larger, opaque structures
are nuclei (N). The rendering also clearly shows the fibers that run through the cribriform plexus
(arrowheads). B) Volume rendering of a GV that shows two pores (∗ with dimensions 0.80 × 0.57
µm and † with dimensions 0.70 × 0.38 µm). The GV is highly curved and attenuated to 100-300
nm. C) A single slice that clearly shows the highly undulating inner wall as a leukocyte (L1)
adheres to the endothelium whilst another one can be seen to have invaded the inner wall (L2).
The endothelium is not continuous (arrowheads), possibly due to the bacterial infestation or the
probing of the leukoctye. The leukocyte seems to have ingested a bacterium (black arrow). The
giant vacuole (GV) contains a very small luminal opening (asterisk). D) Surface segmentation of
the GV in panel B to indicate more clearly where the pores are (∗ and †) with respect to the cell’s
surface (blue). All scale bars: 3 µm.
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A: Eye 11-12C   vimentin / PLVAP / CD31!
B: Eye 11-19!
Figure 5.7.: Overview of the two inner wall preparations used in this study. CD31 (red) specifically
stains the inner wall endothelium. Other immunofluorescent labels are vimentin (green) and
PLVAP (blue). A) The confocal imaging of wedge 11-12 only captured the inner wall in the left-
most two tiles, where all three stains are present. The inner wall is outlined in white. The other
five tiles show what seems to be a cut through the cornea that is a result of the dissection. B)
Wedge 11-19 exhibited clear staining for all three proteins along the entire preparation, with the
inner wall outlined in white.
leukocyte rather than a GV (L in Figure 5.6C). A bacterium was observed inside the leukocyte
(black arrow in Figure 5.6C) and the cell did not stain positive for CD31. Several smaller GVs
were observed in the serial sections, in some of which a pore was observed. Figure 5.6B and
D show renderings of a GV that forms two pores (∗ and †). These pores had a major diameter
of around 0.80 µm and a minor diameter of around 0.40 µm. The GV contains several folds and
is attenuated down to around 200 nm. Unfortunately, the resolution of this reconstruction (voxel
size of 30 × 30 × 100 nm) does not provide structural details in the cell’s interior.
5.3.3. Vimentin, PLVAP and CD31 Localization in Inner Wall
The tissue wedges from eyes 11-12 and 11-19 stained positive for CD31 (red), PLVAP (blue) and
Vimentin (green, see Figure 5.7). Note that eye 11-12 was not perfused whilst eye 11-19 was
perfusion fixed at 8 mmHg (Table 5.2). CLEM close-ups for eyes 11-12 and 11-19 are shown in
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Figure 5.8 and 5.9 respectively. The nuclear DAPI stain coincided with most bulging structures
observed in the SEM images (Figure 5.8B and 5.9B), irrespective of whether the eye was per-
fusion fixed or not. Note that colocalization of nuclear staining does not exclude these bulging
structures as GVs because cross sections through the inner wall often show GVs coinciding with
nuclei [43, 143, 187]. Bulges that colocalize with nuclei tend to have a similar ovoid shape and
similar dimensions as the nuclei themselves. The inner wall bulges that did not colocalize with
nuclei, appear to be of larger dimensions than the nuclear bulges and appeared to have more
variation in their shapes (red circles in Figures 5.8B and 5.9B).
The strong vimentin staining revealed an elaborate architecture of intermediate filaments
that appeared to outline the shape of cells, nuclei and GVs along the inner wall (Figure 5.7).
Vimentin was located predominantly on the apical aspect of the endothelium, as seen in the or-
thogonal projections and the volume renderings in Figure 5.10. The vimentin distribution seemed
to form parachute-like structures, that seemed to ‘encapsulate’ the GVs and nuclear bulges on
the apical side of the endothelium. Underneath these parachute-like structures, very little vi-
mentin staining was present along the basal side of the endothelium. The 3-D reconstruction of
the two regions of Figure 5.10 that are outlined in yellow further illustrates how vimentin seems
to ‘encapsulate’ the GVs and nuclear bulges.
CD31, an endothelial marker involved in leukocyte adhesion and intercellular junctions, was
continuously distributed along the endothelium. The staining appeared somewhat diffuse in eye
11-12 but showed more contrast in 11-19 where it was observed surrounding most nuclear bulges
(Figure 5.7). CD31 staining showed a slight tendency to colocalize with intercellular junctions, as
illustrated in Figure 5.9D.
The endothelial marker PLVAP, which is a structural component of the diaphragm of caveo-
lae and fenestrae, was continuously distributed along the inner wall although staining was weak.
Staining was absent in negative controls where the primary antibody had been omitted. The
ciliary body stained positively for PLVAP using the MECA32 antibody and served as a positive
control (Figure 5.3). The staining was very punctate and did not appear to consistently colocalize
with any structures observed in the SEM image (Figures 5.8E and 5.9E).
In order to identify which proteins might take part in the formation of pores, the location of
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Figure 5.8.: CLEM images of wedge 11-12. A) SEM image showing many bulging structures in
this region of the inner wall. A) SEM and DAPI-channel overlay. Most bulges observed in the SEM
image coincide with nuclei. In this image one bulge does not contain a nucleus and appears to be
a GV (circles). C) Clear vimentin staining is observed along the borders of cells and surrounding
nuclear bulges and GVs. D) CD31 staining revealed less structural information than the vimentin
staining and was quite uniform along the surface of the endothelium. Sometimes, the CD31
staining was found to follow a cell junction. E) Two structures exhibit strong straining for PLVAP
but it is not clear what these structures are. The PLVAP staining seems to outline regions that
exhibit no vimentin and CD31 staining, so perhaps it stains an underlying structure. In other
parts of this image, PLVAP staining was weak and punctate, but did not seem to colocalize with
any particular structure of the inner wall. F) Overlay of vimentin (green), CD31 (red) and PLVAP
(blue). Scale bar: 30µm.
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A! B! C!
D! E!
Figure 5.9.: CLEM images of wedge 11-19 appeared similar to that of wedge 11-12D. A) SEM
image showing many bulges in this region of the inner wall. B) SEM and DAPI-channel overlay.
Most bulges observed in the SEM image coincide with nuclei, with the exception of two potential
GV structures without nuclei (circles). C) Clear vimentin staining is observed along the borders
of cells and surrounding nuclear bulges. D) CD31 staining revealed more structural information
than the CD31 staining in wedge 11-12 (Figure 5.8 D) and was quite pronounced around the
bulging structures of the endothelium. Sometimes, the CD31 staining was found to follow a cell
junction. E) PLVAP staining (blue) was weak and punctate but did not seem to colocalize with any
particular structure of the inner wall. F) vimentin (green), CD31 (red) and PLVAP (blue) overlay.
Scale bar: 30 µm.
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Figure 5.10.: Volume renderings and orthogonal cross sections through a giant vacuole (bottom
left in image, outer cross sections) and a nuclear bulge (middle of image, inner cross sections) of
eye 11-19. The orthogonal cross sections span from the basal (b) to the apical aspect (a) of the
endothelium. Strong vimentin staining was observed around the nuclear bulges and GVs with
a continuous but less intense staining at the apex of these structures. Very little vimentin was
observed underneath the nuclear bulges and GVs, as is clearly visible in the orthogonal cross
sections. This might be due to the fact that the cells pushed off their supporting membrane.
Volume renderings were performed for the two regions outlined in yellow (right panel). Note the
ubiquitous presence of vimentin throughout the interior of the SC cells. Scale bar: 20 µm.
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A! B!
C! D!
Figure 5.11.: CLEM image using a higher resolution SEM image of the region imaged in Figure
5.8 (wedge 11-12) allows for the identification of pores (circular regions outlined in yellow corre-
sponding to the regions imaged in Figure 10). A) vimentin, B) CD31, C) PLVAP, D) DAPI. Scale
bar: 10 µm.
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vimentin, CD31 and PLVAP around pores was further investigated. The same confocal image
as in Figure 5.8 was now mapped onto an SEM image at a higher resolution (Figure 5.11) using
the transformation algorithm described in Section 3.2.5. Close-ups of some of the pores are
presented in Figure 5.12. The high resolution of the SEM image was required to unambiguously
identify pores and allowed for a more precise confocal image transformation with an accuracy
less than 0.5 µm in the close-ups. There seemed to be no particular colocalization of CD31
staining with either I-pores or B-pores, although a slight increase in staining was observed along
intercellular junctions on either side of the B-pores. A void in the vimentin staining was observed
at the location of all I-pores and B-pores. Note however that voids in the vimentin staining also
occurred in continuous regions of SC endothelium where no pores were observed. These voids
could be due to the intermediate filaments traversing around organelles. The I-pores occurred
in areas of diffuse vimentin staining and there was no evidence for a supporting ring of vimentin
surrounding I-pores. Vimentin staining was pronounced along cell margins and consequently
followed around the perimeter of the B-pores, except for the B-pore at the top right of Figure
5.12 where another cell was present directly underneath the opening of the pore. PLVAP did
not colocalize with either I-pores or B-pores. Although it has been hypothesized that PLVAP is
involved in I-pore formation, there is no strong evidence for colocalization around pores.
5.4. Discussion
This study employed two high-resolution imaging techniques to investigate the ultrastructure and
cytoskeletal architecture of the inner wall and examined how these related to pores and GVs. A
FIB-SEM serial-sectioning of the inner wall provided 3-D information at a resolution on the or-
der of 10-30 nm. The resulting images were of comparable quality to TEM sections of previous
studies [51, 87, 109, 143] and allowed for the identification of CD31 immunogold staining, inter-
cellular junctions, cellular processes that extended from SC to JCT cells [51] and the fibers that
run through the cribriform plexus [31]. CLEM imaging of the inner wall combined the ability of
immunofluorescence microscopy (to investigate the location of specific target proteins) with that
of the high resolution of SEM (to identify pores). This study visualized the architecture of PLVAP
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Figure 5.12.: Close ups of I-pores and B-pores from Figure 5.11, eye 11-12. The pores are
marked by an asterisk and cell margins are indicated by arrowheads to show that they coincide
with B-pores but not I-pores. The SEM close-ups are overlain with CD31 (red), vimentin (green)
and PLVAP staining (blue). The mapping is accurate to less than 0.5 µm. CD31 and PLVAP did
not show any clear colocalization around I-pores. Vimentin appeared rather uniformly distributed
around I-pores with an absence and no clear enrichment was observed directly surrounding
the I-pore. PLVAP staining showed no clear colocalization with B-pores. Vimentin staining was
pronounced along cell margins. Note that a cell is present directly underneath the opening of the
top B-pore, probably causing vimentin staining to colocalize with the opening of the pore. Scale
bar: 2.5 µm.
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and the IF vimentin along the inner wall in relation to cell borders, nuclei, giant vacuoles and
pores. A strong and consistent apical presence of vimentin was observed along SC endothelium
suggesting that vimentin is a structurally important cytoskeletal component that helps maintain
the endothelium in its demanding biomechanical environment.
5.4.1. FIB-SEM
The main advantages of FIB-SEM over other electron microscopy modes are the high 3-D resolu-
tion and the ability to decide where to section the sample, based on SEM images of the sample’s
surface. Washing away the excess resin from the sample was successful and proved pivotal in
being able to locate the inner wall and a suitable region for sectioning therein. Furthermore, the
CD31 staining that was observed in both immunofluorescence and FIB-SEM images confirmed
that the cells observed in the reconstructed volume were SC cells. Within the limited volume
that was reconstructed in the first FIB-SEM serial-sectioning (w × h × l = 10.8 × 7.6 × 7.1 µm),
many of the structures that were observed agree with observations from previous studies using
TEM. The electron-dense intercellular junctions and small vesicles are similar to those observed
by Tripathi [143]. Inomata et al. observed caveolae in SC and JCT cells [108] and the cellular
processes extending from SC down to a JCT cell were described by Grierson and Lee [51]. The
second FIB-SEM serial-sectioning (w × h × l = 30 × 22.5 × 40 µm) revealed the intricate structure
of the fibers in the cribriform plexus and the connecting fibrils which are derived from this plexus
and connect to SC endothelium [31]. Also several GVs and pores were observed, although the
resolution of the second serial-sectioning was insufficient to draw any conclusions on the cellular
structures that colocalize with pores. The volume reconstruction revealed that the inner wall was
infested with bacteria, likely due to the sepsis of the donor. This means caution needs to be
taken when interpreting the results from this wedge. Nonetheless, the current results show that
FIB-SEM imaging can contribute greatly to our understanding of the ultrastructure of the inner
wall in three dimensions, and has potential for future studies.
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5.4.2. CLEM
The variant of CLEM employed in this study employs SEM rather than TEM for the key reason
that SEM is required to reveal the morphology at the apical surface of SC endothelium, such as
pores and GVs. Although it is accepted that distinguishing between nuclear bulges and GVs from
SEM is difficult [16, 143], the CLEM images allowed us to identify which bulges coincided with
nuclei and which were GVs without a nucleus. Most bulges observed in the high magnification
CLEM images (Figures 5.8 and 5.9) colocalized with nuclei, irrespective of whether the wedge
was perfusion fixed or not. The nuclear bulges were quite uniform in size and mostly ellipsoidal
in shape and seemed to be entirely occupied by the nucleus, similar to the FIB-SEM serial-
sectioning of Figure 5.5. However, GVs and nuclei have been observed to colocalize [143, 187]
and it is not possible to identify whether the entire nuclear bulge is occupied by the nucleus or
whether part of the bulge is a GV. The handful of GVs that was observed not to colocalize with
a nucleus seemed to be larger than the nuclear bulges, potentially providing some crude way to
differentiate between the two types of bulges.
SC endothelial cells are known to express the endothelial marker CD31 [128, 188] and both
tissue wedges showed a uniform staining for CD31. The staining predominantly occurred on
both the apical and basal aspect of SC endothelium and sometimes colocalized with intercellular
junctions. No clear colocalization was observed between CD31 and pores.
Herrnberger et al. reported that fenestrae, mini-pores and I-pores seemed absent from
the inner wall of PLVAP-/- knock-out mice [110], suggesting the possibility that PLVAP might
colocalize with I-pores. However, no colocalization with I-pores was observed. This might be
explained by the fact that the protein PLVAP is required for the formation of pores but is absent
from the mature structure. A similar situation is observed in the peritubular capillary endothelial
cells of PLVAP-/- mice, where some transendothelial openings were observed, which lacked the
fenestral diaphragm [114]. Another explanation could be that only a few I-pores were observed
in this study (Figures 5.11 and 5.12), and some pores may be artifacts of fixation or processing,
as previously noted [98].
Hamanaka et al. first reported the strong presence of vimentin in the inner wall endothelium
whilst two other IFs, keratin and desmin, were absent [179]. Vimentin is the dominant IF protein
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in endothelia and plays an important role in resilience against biomechanical stress [189] and in
mechanotransduction [190]. The vimentin staining in the current study predominantly surrounded
GVs and nuclear bulges and showed strong colocalization along intercellular junctions and is in
line with the observations by Gipson and Anderson [170]. A continuous and moderate vimentin
staining was observed on the apical side of GVs and nuclear bulges. Note that in the confocal
imaging, the focal plane is parallel to the inner wall. Cellular structures parallel to the focal plane
are therefore more likely to be out of focus, potentially resulting in apparently weaker staining,
whereas structures perpendicular to the focal plane will always be in focus, resulting in stronger
staining. This might explain why the actual apex of the nuclear bulges and GVs doesn’t exhibit
much vimentin staining. The strong and continuous presence of vimentin along the inner wall
suggests that IFs allow the endothelium to withstand the basal-to-apical pressure drop across the
inner wall and the associated cellular strains that likely exceed 50% [13, 14]. Vimentin, both as a
single filament and as a purified gel, can withstand strains well in excess of 100% without rupture
[183, 191] whereas reports are unclear about the ability of actin to withstand such magnitudes
of strain (Table 5.1). Purified actin gels failed at around 20% strain [191] whereas isolated stress
fibers, which consist mainly of actin, were reported to break only after 200% strain was applied
[192]. It is likely that both vimentin filaments and stress fibers contribute to the biomechanical
integrity of SC endothelium.
The strong staining at cell margins could indicate that vimentin is involved in cell-matrix and
cell-cell interactions. Cell-cell interactions would likely be mediated by desmosomes. Although
desmosomes are mostly associated with keratin intermediate filaments, vimentin was also shown
to interact with desmosomal plaques [193]. Both Grierson and Lee, and Gipson and Anderson
described desmosmal plaques or “maculae adhaerentes” in SC endothelium [51, 170]. In addi-
tion, both vimentin and actin take part in so-called vimentin associated matrix adhesions (VAMs)
that mediate the cell-matrix contracts through αvβ3 integrins and VAMs also recruited vinculin
and plectin [194]. These tethering structures therefore warrant further investigation, in particular
the effect of their disruption or stabilization on outflow facility on outflow resistance. The attach-
ment of the vimentin cytoskeleton to neighboring cells, together with the putative tethering to the
underlying basement membrane through VAMs, would provide the mechanical boundary condi-
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tions for vimentin as a load-bearing structure to provide biomechanical integrity to SC endothelial
cells.
Could an altered vimentin architecture be involved in glaucoma? The glaucomatous tra-
becular meshwork was shown to exhibit increased stiffness [10]. Actin polymerization and stress
fiber formation are generally upregulated in cells that reside on stiffer substrates. Vimentin shows
similar behavior: in cells grown on stiffer substrates, the pool of soluble vimentin decreases and
the vimentin cytoskeleton becomes more developed [195]. The glaucomatous inner wall might
therefore have a more developed vimentin cytoskeleton, possibly leading to SC cells that are less
facilitative to AH outflow. Further CLEM studies are required to investigate whether the distribu-
tion and cytoskeletal architecture of the glaucomatous inner wall differs from that of the normal
inner wall.
In conclusion, both FIB-SEM and CLEM studies can greatly contribute to our understand-
ing of the ultrastructure and cytoskeletal architecture of the inner wall. FIB-SEM can contribute
to our understanding of inner wall mechanics by visualizing and reconstructing its 3-D ultrastruc-
ture. Moreover, it can reveal cellular structures that are associated with pores, leading to putative
molecular targets. CLEM imaging can be used to further investigate the role of cytoskeletal ar-
chitecture in relation to inner wall cells, their junctions, GVs and pores in the normal and glauco-
matous inner wall. In particular the IFs appear to be an important component of the cytoskeleton
to support the inner wall’s demanding biomechanical environment.
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This thesis examined the hypothesis that mechanical forces acting on the inner wall regulate
the filtration function and pore-forming ability of SC endothelial cells. SC cells reside within a
demanding mechanical environment imposed by the basal-to-apical direction of aqueous humor
flow across the inner wall. This ’backwards’ flow pushes the SC cells away from their basement
membrane and imposes large cellular strains that likely exceed 50%. This strain in itself was
shown to induce transendothelial pores in cultured SC cells (Chapter 2). Aqueous humor can
thus cross the inner wall by deforming SC endothelium to induce pores. The aqueous humor
flow across SC endothelium is non-uniform, or segmental, likely due to local variations in the
outflow resistance of the TM and JCT. This implies that SC endothelium experiences a higher
local pressure drop in regions of increased outflow when compared to regions of lower outflow.
Consistent with the concept of strain-induced pore formation, pores were shown to coincide with
local regions of increased outflow, where biomechanical strain is expected to be highest (Chapter
3).
Combining the main results of Chapters 2 and 3, we can conclude that the mechanical
environment of the inner wall serves to regulate the local filtration function of the inner wall by
triggering pore formation in locations where filtration demands (and hence the biomechanical
strain) are greatest. This coupling between local mechanics and filtration allows the inner wall
to function as a ’smart’ one-way valve by satisfying two apparently opposing requirements: to
provide a conductive pathway for anterograde basal-to-apical directed outflow while maintaining
the blood-aqueous barrier that opposes retrograde transport of blood and serum proteins into the
anterior chamber (Appendix A).
In light of the repeated and large stresses and strains that SC endothelium has to withstand,
some intracellular structure is presumably in place to maintain the biomechanical integrity of SC
endothelium as well as its junctional connectivity to other cells and to the basement membrane.
Presumably the cytoskeleton could fulfill this role, and indeed a well developed cytoskeleton of
vimentin intermediate filaments was observed throughout SC endothelium. Vimentin colocalized
with GVs and cell margins, suggesting that it supports the cellular outpouchings of GVs and
is involved with cell-cell and cell-matrix interactions at the cell margins. This is consistent with
vimentin as a load-bearing and supporting cytoskeletal component of SC endothelium (Chapter
156
x    x! x            x! x    x!    x  x! x       x x    x     x!x    x!
   
×!
Cell-Cell Junction!
Cell-Matrix Adhesion!
Cytoskeleton!
Anterograde AH Filtration!
Retrograde Diffusion!
Trabecular Beams!
Juxtacanalicular Tissue!
SC Endothelium!
SC Lumen w/ Solutes!
x!
Figure 6.1.: A schematic representation of the conclusion of this work. The basal-to-apical di-
rection of aqueous humor filtration across SC endothelium causes the cells to stretch and form
pores. This creates a pathway for aqueous humor to cross the endothelium. The high antero-
grade aperture velocity of aqueous humor at a pore restricts the retrograde diffusion of large
solutes (inset). The endothelium is tethered to the supporting basement membrane and the
cytoskeleton is a load-bearing structure between these points of attachment.
5). The filtration of aqueous humor across SC endothelium through strain-induced pores, and the
role of the cytoskeleton and tethering in this process are illustrated in Figure 6.1.
In glaucoma the conventional outflow resistance somehow becomes elevated, leading to
reduced aqueous humor filtration. The inner wall modulates outflow resistance presumably by
regulating its porosity, a process that becomes altered in glaucoma. Strain-induced pore for-
mation might be impaired in glaucomatous SC cells (Chapter 4). Similarly, Overby et al. have
shown that the cytoskeleton of glaucomatous SC cells becomes stiffer whilst pore density is re-
duced, presumably because stiffer cells experience less strain [32]. In addition, the tethering of
SC endothelium to its supporting basement membrane could become increased, thereby partially
inhibiting SC endothelium from deforming, and leading to decreased pore formation and filtration.
These insights identify the mechanical environment of SC endothelium as a potential target
for glaucoma therapies. Such therapies could aim to modulate SC cell stiffness by intervening
with its cytoskeleton or tethering to adjacent cells or the basement membrane, thereby increasing
pore formation and presumably also aqueous humor filtration. The fluorescent permeability assay
that was developed in Chapter 4 can aid the development of such therapeutic strategies. In
any case, when targeting the inner wall, care must be taken not to disrupt its architecture too
extensively, as this would presumably undermine the ability of this endothelium to maintain the
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blood-aqueous barrier.
6.1. Future Work
The work set out in this thesis enhances our knowledge of pore formation but also raises several
new questions that could be addressed using the techniques presented in this thesis. This section
presents several questions that warrant further investigation.
Is the reduced pore density in glaucomatous SC cells due to elevated cell stiffness or
impaired pore-forming machinery within the cell? In Chapter 2, pores were shown to be
mechanosensitive structures in a strain-controlled experiment. Similarly, Overby et al. have
shown that pore formation is a mechanosensitive process, but this time using a stress-controlled
experiment [32]. This is an important difference in approach because the constitutive properties
of the SC cells contribute to the cellular strain in the stress-controlled experiment, whereas the
constitutive properties do not affect the cellular strain in the strain-controlled experiment. If the
constitutive elastic behavior is the only altered property in glaucoma, then glaucomatous cells
should form a similar pore density to normal eyes under the same strain in the strain-controlled
experiment. However, a strain-controlled experiment in Chapter 4 showed a marked decrease
in the strain-induced pore formation of a glaucomatous (SC57g) compared to a normal cell line
(SC67). More experiments are required to confirm this observation but it suggests that not only
the cell stiffness but also the ability to form pores becomes altered in glaucomatous cells.
What is the life-time of pores? The life-time of inner wall pores is unknown. In Chapter 2 the
cells were fixed 5 minutes after onset of cellular strain. This delay was based on the assumption
that the life time of pores would be similar to that of GVs, which is likely on the order of a 5
- 10 minutes [44, 161]. However, pores that were observed in other endothelia might have a
shorter average life-time of around 3 minutes [144]. This suggests that 5 minutes after the onset
of cellular strain, some pores might have closed again. The effect of the delay between onset of
cellular strain and fixation would therefore an interesting question to address. The question could
be addressed by investigating the pore density at 10% equibiaxial strain and using delays of for
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example 1, 2, 3, 5, 8 and 12 minutes. The sequential use of multiple colors of fluorescent avidin
conjugates can potentially help capture the life-time of pores.
What is the hydrodynamic radius-of-influence of a pore? In Chapter 3, B-pores were found
to be more abundant in regions of high tracer intensity, leading to the conclusion that B-pores
colocalize with regions of increased local filtration. Because of the reasons set out in Section
3.2.6, these regions measured 50 × 150 µm. The low porosity and pore density might result in the
pores having a certain hydrodynamic radius-of-influence, defined as the radius within which the
pores interact with the (segmental) outflow through the TM and JCT. By investigating the tracer
intensity directly surrounding individual pores, the length scale of the hydrodynamic influence of
a pore can be investigated. Perhaps this length scale is different for I-pores and B-pores?
What is the role of the cytoskeleton and tethering structures in supporting the inner wall?
The CLEM study on vimentin presented in Chapter 5 suggests that vimentin intermediate fil-
aments play a role in supporting the inner wall. In addition, several studies have shown that
decreased tethering of SC endothelium to its supporting basement membrane reduces outflow
resistance [175, 176, 196]. Using CLEM, the location of focal adhesions, VAMs, cell-cell junctions
and the actin and vimentin cytoskeleton with respect to pores and GVs can be investigated. In
addition, it would be interesting to investigate whether the cytoskeleton and tethering structures in
normal and glaucomatous eyes differ. In order to determine how these structures affect filtration,
whole eye perfusion experiments could be carried out with or without the use of specific com-
pounds that inhibit or stabilize cytoskeletal and/or tethering structures. Microscopic inspection
of the inner wall after such perfusion experiments can provide more information on how each of
these components contributes to supporting the inner wall.
To investigate whether there is a cytoskeletal structure surrounding pores, the fluorescent
permeability assay could be combined with immunohistochemistry with or without high resolution
microscopy technique such as CLEM or PALM.
How can cultured SC cells be made to develop more mature junctions? In chapter 4, a
fluorescent permeability assay was used to investigate pore formation. Putative I-pores were
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observed in cultured SC cells and their density increased with increasing strain, similar to the
I-pore density observed in Chapter 2. A major limitation of the fluorescent assay when applied
to SC cells, is that the SC cells have poorly developed intercellular junctions. As a result, it
is not possible to unambiguously differentiate between ‘leaky junctions’ and B-pores from the
fluorescent image of the FITC-avidin staining. SC cells might be made to develop continuous tight
complexes by culturing the cells in adult rather than fetal bovine serum [129]. Another approach
could be to better mimic the mechanical environment of SC cells in culture by perfusing the cell
layers in basal-to-apical direction during culture with a setup such as used by Pedrigi et al. [44]. A
third approach to achieve more developed intercellular junction in SC cells is to culture the cells in
medium that contains steroids such as hydrocortisone [162] or dexamethasone [115]. Lastly, the
cells can be grown on hyaluronic acid-based hydrogels, as this was shown to dramatically improve
the development of intercellular junctions [167]. It is important to note that these approaches
might affect the pore forming ability of SC cells, thereby confounding the outcome of experiments
into mechanisms of pore formation.
How can the putative pores observed in the permeability assay be validated? Although
the SC cells exhibited very similar behavior in both the conventional and fluorescent permeability
assay in Chapter 4, the comparable results remain an indirect way to validate the fluorescent
permeability assay. In order to unambiguously validate the assay, the same pores need to be
assessed using both fluorescent microscopy and SEM. This can be achieved using correlative
light and electron microscopy, similar to the method set out in Chapter 4. In order to prevent
pores from closing during the FITC-avidin exposure, the cells can be fixed prior to FITC-avidin
exposure. Note that by fixing cells either before or after performing the permeability assay, the
fixation artifact may be further investigated [98].
How can the fluorescent permeability assay be developed into a drug-screening platform
to investigate the cellular mechanisms involved in pore formation? Once the fluores-
cent permeability assay has been validated, the assay could be adapted to be employed as a
drug-screening device. As a first step, the fluorescent assay could be used in a 96-well plate
format to perform drug-screenings without applying strain to the cells. Note that this assumes
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the cultured SC cells have a ‘baseline’ pore density at 0% strain. A more physiologically relevant
drug-screening platform would be to use the fluorescent permeability assay in conjunction with
the cell-stretch device. If the different areas of the cell layer on the elastic substrate could be
compartementalized whilst applying e.g. 10% strain, each compartment could be exposed to a
different drug during the stretching step.
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A. Retrograde Diffusion across SC Endothelium
x = L!
L!U!x!
SC Lumen!
Anterior Chamber!
x = 0, c = c0!
Figure A.1.: A schematic representation of a pore through which AH passes at aperture velocity
U. The luminal side of the pore coincides with x = 0 and the luminal concentration is assumed to
be c0. The cell thickness at the pore is L.
A.1. Introduction
Schlemm’s canal (SC) inner wall serves a dual purpose: it must facilitate anterograde aque-
ous humor (AH) filtration and at the same time prevent retrograde transport of blood and serum
proteins from SC lumen into the anterior chamber in order to fulfill its role as part of the blood-
aqueous barrier (BAB). It is now generally accepted that AH outflow across SC endothelium
occurs through micron-sized transendothelial pores that are infrequently located along the en-
dothelium. However, it remains unclear, despite anterograde advection through pores, how effec-
tive pores are at restricting retrograde diffusion. It is hypothesized that the sparseness of pores
and their large diameter when compared to fenestrae, help to restrict retrograde diffusion of large
solutes (molecular weight > 50 kDa) across SC endothelium to maintain an effective BAB. This
theoretical study therefore seeks to estimate an approximate upper bound for retrograde diffusion
through pores in SC endothelium.
A.2. Model
We assume mass transport to occur along the axis of the pore (one dimensional) and within
the domain x ∈ [0, L] , see Figure A.1. Mass transport across the pore is determined by the
anterograde advection and retrograde diffusion of molecules. The mass flux due to advection
equals Ap U c, where Ap is the total area of the pores, U is the ’aperture velocity’ at which
aqueous humor passes through the pore and c is the concentration of molecules. The mass
transport due to diffusion equals Ap D dcdx , where D is the diffusion coefficient of the molecules. At
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steady state the advection and diffusion are balanced such that:
Ap U c − Ap D dcdx = 0
or simplified:
U c − D dc
dx
= 0 (A.1)
As a boundary condition we assume a constant concentration in Schlemm’s canal lumen,
such that c|x=0 = c0. With this boundary condition, equation A.1 can be solved for c:
c(x) = c0 e
−Ux
D (A.2)
The predicted solute concentration thus decays exponentially as a function of distance x
from the luminal opening of the pore. The ratio of the concentration at the basal opening c(x = L)
with respect to the concentration at the luminal opening c0 can now be described by Equation
A.3.
c(x = L)
c0
= e
−UL
D = e−PeL (A.3)
where PeL is the dimensionless Péclet number that expresses the rate of advection (U/L)
versus the rate of diffusion (D/L2) across a pore of length L. As PeL increases, advection be-
comes faster than diffusion, such that the solute concentration at the upstream end of the pore
decreases.
In order to estimate the order of magnitude of retrograde transport, suitable parameter
values for U, L and D were chosen from the literature as described below. Four scenarios are
examined: advection-diffusion of glucose or albumin through micron-sized pores that represent
limiting cases of small and large solutes in the physiological situation, and advection-diffusion
of glucose or albumin through 70 nm fenestrae that represent a hypothetical case where SC
endothelium forms fenestrae rather than pores. Glucose is a small, metabolically important solute
that cannot cross the cell membrane and is therefore (partially) dependent on diffusive transport.
Albumin is a large solute that cannot cross the cell membrane and should not be able to diffuse
across the pore because it would increase the oncotic pressure of the otherwise protein-deficient
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AH.
A.3. Parameter Values and Variance
Parameter values were obtained from the literature. First, several studies were consulted to
obtain an estimate of the range of each parameter. From these studies, a single study was
chosen that used a sound experimental setup and, where possible, presented both a population
average and standard deviation (SD). The standard error of the mean (SEM) was calculated for
each parameter as SEM = SD√
N
, where N is the number of observations in that study. Note that
population variance is reflected in the SD, whereas the uncertainty on the estimation of the mean
is reflected by the SEM. Propagation of error was taken into account to calculate the SD and
SEM of quantities that were estimated based on literature values. This was achieved by using
Kline and McClintock’s method based on the chain rule of differentiation [197]. Briefly, when the
mean value of a parameter x is derived from other parameters y1, · · · , yn (Equation A.4), the SD
of the derived parameter ∆x is calculated as shown in Equation A.5.
x = x(y1, y2, · · · , yn) (A.4)
∆x =
√√√√ n∑
i
(
∆yi
∂x
∂yi
)2
(A.5)
where∆yi is the uncertainty (SEM) in the independent parameter yi and ∂x∂yi is the derivative
of x with respect to yi , as defined by the relationships developed below. Because the input
parameters are subject to large degrees of uncertainty, simple models were used with the sole
purpose of obtaining order-of-magnitude estimations.
A.3.1. Aperture Velocity through Pores
The numerical values that were used for the calculations in this section are listed in Table A.1.
A large majority of the total AH outflow Qtot , leaves the eye through the conventional outflow
pathway. If the conventional outflow is expressed as a percentage pcon of Qtot , the conventional
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Schlemm's Inner Wall! Unit! Mean! SDª! SEMª! Reference!
Total Outflow (QTOT)*! mm3/min! 2.75! 0.63! 0.04! Mclaren and Brubaker, 1985; Brubaker, 1991!
Conventional Part (pCON)! %! 83.2%! 6.7%! 2.7%! Jocson and Sears, 1971!
Conventional Outflow (QCON)! mm3/min! 2.29! 0.56! 0.08!  !
Canal width (w)†! mm! 0.258! 0.033! 0.013! ten Hulzen and Johnson, 1996!
Corneal Diameter (dCOR)‡! mm! 12.02! 0.38! 0.038! Baumeister 2004!
Filtration Area (A)! mm2! 9.7! 1.28! 0.51!  !
Filtration Velocity (V)! mm/s! 0.0039! 0.0011! 0.0002!  !
Pore Density (nTOT)! mm-2! 1289! 751! 129! Ethier et al., 1998!
Pore Diameter (DTOT)º! mm! 0.00088! 0.00027! 0.00005! Ethier et al., 1998!
Porosity (ε)! %! 0.078%! 0.065%! 0.011%!  !
Aperture Velocity (U)! mm/s! 5.05! 4.47! 0.80!  !
Table A.1.: Values for quantities used to estimate the filtration and aperture velocities across
SC endothelium. Derived quantities are presented in bold face. (a): Calculated using Kline and
McClintock, 1953. (∗): Based on fluorescein clearance measurements (†): Anterior/Posterior
length (‡): Measured at limbus (°): Weighted average of I-pore and B-pore geometric mean
diameter, SD from total pore major axis [9, 68, 72, 198–200].
outflow can be calculated as Qcon = pcon ·Qtot . All conventional outflow must cross the inner wall
endothelium, which has an area of Asc. The average filtration velocity across the endothelium
(also reffered to as the superficial velocity) can then be calculated as Vsc = Qcon/Asc. The numer-
ical value of Vsc (3.9 ± 1.1 µms−1) is remarkable. To put this in context: If the SC cell thickness
is 1 µm then the numerical value of Vsc implies that each SC cell facilitates nearly 4-times its own
volume every second. This argument has been used to argue against a contribution of active
aqueous humour transport (the so called ’macro pinocytosis’ theory of Tripathi [82]) across the
inner wall. With a total pore density of ntot and an average pore diameter of Dtot , the porosity of
SC inner wall is sc = pi
D2tot
4 ntot = 0.078 ± 0.065% [9, 68]. Because of the small porosity (< 1%),
the true ’aperature’ velocity Usc of the aqueous humor flowing through each pore is much greater
than the estimated value of Vsc according to Usc = Vsc/sc. The estimated value of Usc is remark-
ably high (5.1 ± 4.5 mms−1 (Table A.1), which provides a significant advective barrier against
retrograde diffusion. Nevertheless, the Reynolds number, which is a dimensionless number that
describes the relative importance of inertial to viscous forces in fluid flow, remains much less than
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 " Unit" SC Inner Wall Endothelium"
RG 
Endothelium"
Ciliary N-P 
Epithelium" Source"
Filtration Rate (Q)" µL/min! 2.3! 130x103! 2.7! Brubaker, 1991; Levey et al., 2006!
Filtration Area (A)" mm2! 9.7! 1.73x106! 6x103! Levey et al., 2006; Borges-Giampani and Giampani, 2013!
Filtration Velocity (V)" µm/s! 3.9! 1.25! 0.075! Brubaker, 1991!
Porosity (ε)" %! 0.078! 20! -! Ethier et al., 1998, Johnson et al., 2002!
Aperture Velocity (U)" µm/s! 5.1x103! 6.3! -!  !
Hydraulic Conductivity (Lp)"µm2 s/g! 4000-9000x10-3! 400-3000x10-3! 80x10-3! Johnson, 2006; Bill,1973!
Table A.2.: Comparison of characteristic filtration parameters between Schlemm’s canal endothe-
lium, the renal glomerular endothelium and the non-pigmented ciliary epithelium. (∗): The pres-
sure drop between the ciliary capillaries and IOP was assumed to be 8 mmHg [8, 9, 12, 66, 68,
201, 202].
unity, and thus the flow is viscous dominated despite the high aperature velocity. To see this, we
define the Reynolds number (Re) as
Rer =
Ur
ν
(A.6)
where r is the pore radius and ν is the kinematic viscosity of aqueous humour assumed
to be that of water at 37°C. Using the values given in Table A.1 yields Re = 0.006. Such a low
Re reveals that there are no inertial effects contributing to flow through inner wall pores, and
the velocity profile downstream of the pore is rapidly dispersed into the lumen of SC. Values of
the average filtration velocity and the aperture velocity can be compared to those of the renal
glomerular endothelium in Table A.2.
A.3.2. Diffusivity
Values for the diffusivity were obtained from Levick [63] and are listed in Table A.3. Importantly,
because the solutes have a Stokes-Einstein radius a that is close to the radius r of the pore (Table
A.3), the effective diffusivity is restricted due to steric hindrance of the solutes at the wall of the
pore. To account for the restricted diffusion through the pores, the values of the diffusivity were
corrected using Renkin’s method [203], as calculated using Equation A.7.
Dc
D0
=
[
2
(
1− a
r
)2
−
(
1− a
r
)4] [
1− 2.104
(a
r
)
− 2.09
(a
r
)3
− 0.95
(a
r
)5]
(A.7)
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 "  " Scenarios"
 " Unit" Glucose through pores"
Albumin 
through pores"
Glucose 
through 
fenestrae"
Albumin 
through 
fenestrae"
Diffusivity (D)" m2/s" 9.1x10-10" 8.5x10-11" 9.1x10-10" 8.5x10-11"
Renkin Correction" -" 0.998" 0.983" 0.976" 0.745"
Radius of Solute (a)" nm" 0.36" 3.55" 0.36" 3.55"
Radius of Pore (r)" nm" 438" 33" 438" 33"
Molecular Weight (MW)" Da" 180" 69x103" 180" 69x103"
Aperture Velocity (U)" m/s" 5.05x10-3" 5.05x10-3" 3.75x10-4" 3.75x10-4"
Characteristic Length (L)" m" 100x10-9" 100x10-9" 100x10-9" 100x10-9"
Péclet Number (Pe)L" -" 0.56" 6.0" 0.042" 0.59"
c(x=L)/c0" %" 57%" 0.24%" 96%" 55%"
Table A.3.: Evaluation of the 1-D, steady state advection-diffusion equation for each of the four
scenarios. The ratio of basal to luminal solute concentration is shown in bold.
The left hand side of Equation A.7 is the correction factor and equals the ratio of the cor-
rected (Dc) and uncorrected (D0) diffusivities, which is calculated from a and r . The resulting
correction factors for the diffusivity of glucose and albumin in pores and fenestrae are listed in
Table A.3.
Characteristic Length
The characteristic length L is the length over which the diffusion process takes place. In this case
L is taken as the distance between the apical and basal side of the pore. From TEM images in
literature this distance can is on the order of 100 nm [109, 116].
A.4. Retrograde Diffusion through SC Inner Wall Pores
Now that values for U, D and L are available, the Péclet number and the ratio of the concentration
at the basal and apical side of the pore, c(x=L)c0 , can be calculated for the retrograde diffusion of
glucose and albumin through inner wall pores. For glucose the relevant Péclet number is 0.56,
indicating that retrograde diffusion can overcome advection. The resulting basal concentration is
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predicted to be 57% of c0. On the other hand, the Péclet number for albumin is 6.0, indicating
that advective transport dominates diffusive transport of albumin. Indeed, the concentration of
albumin at the basal opening of the pore is only 0.24% of its luminal concentration (Table A.3).
A.5. Retrograde Diffusion through Hypothetical SC Inner Wall
Fenestrae
The remaining two scenarios under investigation are those of the retrograde diffusion of glucose
and albumin in the hypothetical case that SC endothelium had formed fenestrae rather than
pores whilst maintaining the outflow resistance R. Both transendothelial openings were assumed
to generate resistance according to Sampson’s law of flow through an aperture. Sampson’s
law states that the resistance R = crnD3 , where cr is some resistance that is the same for both
transendothelial openings. Because the pore density and the diameter of the pores and fenestrae
are known, the fenestra density nfen can be calculated using Equation A.8.
nfen =
D3pore
D3fen
· npore (A.8)
The resulting fenestral porosity fen = pi
D2fen
4 nfen = 1.04%, resulting in an aperture velocity of
Ufen = 0.37 mms−1, more than ten-fold lower than Usc. As a consequence of this lower aperture
velocity, the Péclet number is lower than 1 for both solutes. The ration of the basal and apical
concentration would increase from 57% to 96% for glucose and from 0.24% to 55% for albumin
(Table A.3). Note that the diffusion of albumin through fenestrae is significantly restricted, as
evidenced by the lower value of the Renkin correction. The size and density of inner wall pores,
combined with the typical outflow rate of aqueous humor, thus seem to effectively oppose retro-
grade diffusion of large solutes and serum proteins across the inner wall. This mechanism may
allow the inner wall to preserve the blood-aqueous barrier while simultaneously providing a highly
conductive pathway for anterograde flow of AH across the inner wall.
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